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Butyl butyrate is an aviation fuel and a food fragrance. In this study, 
Clostridium beijerinckii G117 is employed to produce butanol and butyric 
acid, which are then converted to butyl butyrate in situ in culture media 
through esterification. Firstly, the production of a xylanase from strain G117 is 
investigated in detail. This enzyme is able to hydrolyze xylan to produce 
xylose or xylo-oligosaccharides, which can be fermented to produce butanol 
and butyric acid subsequently. This xylanase only has a molecular weight of 
22.6 kDa, but it cleaves the glycosidic bonds linking xylose residues in xylan 
and liberates fermentable sugars. 
To produce butyl butyrate from low levels of butanol and butyric acid in 
culture media, three different esterification strategies are developed in this 
study. Firstly, an organic solvent is added to form a biphasic system in which 
62% of the butanol and butyric acid are converted into butyl butyrate. 
However, one issue with this approach is the direct contact between the 
bacterial cells of strain G117 and the toxic solvent. To address this issue, 
biphasic alginate beads which contain an organic phase and lipase enzyme are 
developed. These beads can be used as biocatalysts to produce butyl butyrate 
with an esterification yield of 31%. Furthermore, esterification can be 
conducted in growing cultures due the presence of a physical barrier between 
the solvent and the bacterial cells. Finally, a triphasic esterification system is 
developed. In this system, butyl butyrate forms distinct oil droplets, which can 
be recovered easily through phase separation. Multiple cycles of esterification 
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(with product removal) improve the esterification yield to 86%, which is the 
highest yield reported so far for esterification in aqueous solutions.  
Finally, it is shown that butyl butyrate can be produced in a simultaneous 
fermentation and esterification (SFE) system by using strain G117. This 
particular strategy provides a novel solution to produce butyl butyrate in situ 
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CHAPTER 1 INTRODUCTION 
 
1.1 Current challenges in butyl butyrate production from renewable 
feedstock 
Butyl butyrate is an organic ester traditionally used as food fragrance [1] and 
has recently been proposed as a fuel for the aviation industry [2-4]. Butyl 
butyrate is commonly synthesized through the esterification of butanol and 
butyric acid (Equation 1-1).  
                         C4H9OH + C3H7COOH ↔ C3H7COOC4H9 + H2O             (1-1) 
Both reactants are conventionally derived from fossil sources but there is now 
a greater emphasis in deriving them from renewable feedstock [5]. This is 
because butyl butyrate produced in such route can be labelled as ‘natural’ food 
fragrance which fetches a much higher market value [6]. In addition, amid 
concerns over sustainability, butyl butyrate can also be classified as a biofuel 
if it is derived from renewable feedstock. 
One feasible route to produce butyl butyrate from renewable feedstock is 
through acetone-butanol-ethanol (ABE) fermentation, in which bacteria of the 
genus Clostridium produce both butanol and butyric acid by consuming sugars 
such as glucose and xylose. Due to its rising cost and the ethical controversy 
over food-for-fuel, the choices of feedstock for ABE fermentation have shifted 
from food crops to lignocellulosic biomass which mainly comprises 
polysaccharides such as cellulose and hemicellulose [7]. Because cellulose and 




cellulose and hemicellulose is necessary to break down the polysaccharides 
into fermentable sugars. However, most butanol-producing Clostridium strains 
do not produce the necessary hydrolyzing enzymes. Consequently, prior to the 
fermentation, hydrolyzing enzymes may have to be supplemented 
exogenously to complete the hydrolysis [8].  
Another hurdle in butyl butyrate production from renewable feedstock is the 
inefficient esterification in aqueous environments. This is because excess 
water drives the equilibrium towards hydrolysis of ester (Equation 1-1). As a 
result, esterification with high yield entails conducting the reaction in organic 
solvents or other non-aqueous media. This first requires recovering the butanol 
and butyric acid from the culture media. However, such recovery steps are 
either energy-intensive or inefficient due to the low concentrations of butanol 
and butyric acid. This is because high concentrations of butanol and butyric 
acid are toxic to the bacteria and cells sporulation is triggered before more 
products can be formed. For instance, most of the butanol concentrations 
reported in the literature lie in the range of 10-20 g/L, depending on the 
tolerance threshold of each strain [9]. The low butanol and butyric acid 
concentrations therefore lead to tedious downstream recovery [10], which will 
be further discussed in Chapter 2.  
This thesis focuses on developing strategies to address the limitations 
mentioned above. A model strain used in this study is Clostridium beijerinckii 
G117, which was isolated in our lab and shown to exhibit high butanol 
production capability (13.5 g/L from 60 g/L glucose) [11]. One facet of the 
strategies is to investigate the possibility of using strain G117 to express a 




second strategy is to produce butyl butyrate in situ in the culture media of 
strain G117 without recovering the butanol and butyric acid. The butyl 
butyrate formed, owing to its low water solubility (0.56 g/L at 30ºC [13]), is 
expected to be readily recoverable through phase separation [14]. In this 
regard, strain G117 is an ideal candidate for this task, because it produces very 
little acetic acid and no ethanol [11] which are expected to interfere with the 
esterification of butanol and butyric acid.  
1.2 Purification and characterization of xylanase from Clostridium 
beijerinckii G117  
Xylan is the second most abundant component in lignocellulosic biomass after 
cellulose [15]. However, it cannot be used as a carbon source directly by most 
Clostridia. This is because before fermentation can take place, xylan needs to 
be hydrolyzed into fermentable sugars. One of such enzymes is xylanase 
which cleaves the polysaccharide backbone to liberate xylose or xylo-
oligosaccharides [16]. Although Clostridium strains with such capability have 
been reported, they mostly produce ethanol as the end product [17]. As a 
result, when using xylan as the feedstock, xylanase has to be added into the 
culture medium prior to ABE fermentation. In this study, strain G117 is 
investigated whether it is able to express xylanase natively under different 
culturing conditions. If strain G117 is able to do so, then no enzyme 
supplementation is needed during saccharification. To better understand this 
unique strain and its xylanolytic system, further studies were also carried out 
on the purification and characterization of the xylanase from strain G117, 
which are shown in Chapter 3. This information is important when applying 





1.3 Production of butyl butyrate in biphasic systems 
As mentioned earlier, esterification in aqueous solution is inefficient due to the 
presence of excess water. One potential solution to increase the esterification 
yield in aqueous solution is by adding an organic solvent [19] which leads to 
the formation of a biphasic system. This is because esterification is known to 
be much more efficient in organic media [20]. The viability of such biphasic 
system for butyl butyrate production will be investigated in Chapter 4.  
In addition to sequential fermentation and esterification, the feasibility of 
simultaneous fermentation and esterification (SFE) was also considered for 
converting the toxic butanol to butyl butyrate in situ during the growth of 
strain G117 [21]. This strategy is advantageous because the butanol toxicity 
can be reduced and the fermentation yield will be increased (Figure 1-1) [22]. 
However, if SFE is conducted in a biphasic system, the organic solvent added 
has to be chosen carefully because the solvent is in direct contact with the 
growing cultures. The study of SFE in biphasic system is also documented in 







Figure 1-1. Schematic diagram of a simultaneous fermentation and 
esterification (SFE) system. Glucose (or other fermentable sugars) is used as a 
carbon source by Clostridium bacteria to produce butanol and butyric acid 
through ABE fermentation. High level of butanol in the culture medium is 
toxic towards the bacteria and limits the final solvent production from 
fermentation. If esterification can be conducted concurrently with 
fermentation, the butanol can be converted in situ into butyl butyrate. With the 
reduction in the butanol concentration, butanol toxicity is reduced. The 
bacteria are expected to produce more butanol and therefore the overall yield 
is increased.  
 
1.4 Production of butyl butyrate by using biphasic alginate beads 
Alginate is a copolymer consisting of mannuronic and guluronic acid residues 
and can be casted into bead form through cross-linking with divalent cations 
such as calcium and barium [23]. Alginate has long been used for 
immobilization of whole cells and enzymes due to their small pore size (8-10 
nm [24]), non-toxicity, and the mild conditions required for gelation [25, 26]. 
These features render alginate gel as a good candidate to act as a physical 
barrier between bacterial cells and solvent in overcoming the aforementioned 
solvent toxicity issue in SFE. For this purpose, a biphasic calcium alginate 
beads, which contain uniformly dispersed organic solvent droplets within the 
alginate matrix, was proposed. It is hypothesized that esterification is possible 
because the hydrophilic nature of alginate beads allows the diffusion of both 




be fabricated, then the choices of solvents can be expanded to toxic solvents 
[27]. However, it is anticipated that the butyl butyrate produced can only be 
fully recovered after the beads are decomposed. This is because the butyl 
butyrate produced will be retained in the organic phase inside the beads due to 
the ester hydrophobicity. The viability of using biphasic beads in SFE will be 
discussed in Chapter 5.  
1.5 Production of butyl butyrate in triphasic systems 
To develop an esterification system with facile butyl butyrate recovery, a 
novel triphasic organic-aqueous-fluorous triphasic system is investigated. In 
this system, a fluorous solvent acts as a reaction medium in which butanol and 
butyric acid from the aqueous culture medium can be converted to butyl 
butyrate. Under suitable conditions, it is proposed that butyl butyrate can 
potentially form a separate organic phase. A separate product phase has 
several obvious advantages. First of all, no elaborate product recovery process 
is required because the products can be directly extracted out from the 
triphasic system. Furthermore, it is possible to remove the products in situ to 
further improve the equilibrium yield. The concept of triphasic system will be 
explored in detail in Chapter 6 of this thesis.  
1.6 Gaps in knowledge 
Based on a survey of current literature, gaps in knowledge are summarized as 
follows. 
1. Reports on butanol-producing Clostridia which natively produces 




2. No previous report on successful purification of xylanase from C. 
beijerinckii. 
3. Only one study demonstrating the production of butyl butyrate in situ 
in culture media [22].  
4. Only one study so far demonstrating the feasibility of SFE in ABE 
fermentation [22]. 
5. Triphasic organic-aqueous-fluorous esterification system has not been 
proposed elsewhere.  
6. No existing esterification system is reported in which the reaction 
products are removed in situ through phase separation.  
1.7 Objectives 
The ultimate goal of this PhD research project was to develop an integrated 
process to produce butyl butyrate from renewable feedstock (xylan) by using 
C. beijerinckii strain G117 (Figure 1-2). In this process, xylan was first 
hydrolyzed into its constituent sugars by using the xylanase produced by strain 
G117. The sugars were then used as carbon sources for strain G117 to produce 
butanol and butyric acid through ABE fermentation. Butanol and butyric acid 





Figure 1-2. The production of butyl butyrate from xylan using C. beijerinckii 
strain G117.  
 
Below are the objectives of individual chapters that would lead to the 
development of the integrated process of butyl butyrate production from 
renewable feedstock.  
1. The first objective of this thesis was to examine the xylanolytic system of 
G117. This study covered the production, purification and characterization 
of xylanase from G117. The optimal conditions to induce the expression of 
xylanase from G117 was first determined. Next, the most efficient method 
to purify xylanase was identified. Amino-acid sequence of the purified 
xylanase was determined and compared with known xylanases in the 
database. Enzyme properties including specificity, kinetics, and hydrolysis 
products were also characterized.  
2. The next objective was to evaluate the potential of producing butyl 
butyrate in culture medium through esterification in a biphasic system. The 
first step in this study was to select an appropriate solvent to facilitate the 
reaction. Subsequently, effects of catalyst position, salt addition and 




toxicities of various solvents towards strain G117 were evaluated so that 
SFE could be carried out in a biphasic system.   
3. The third goal of this thesis was to assess the viability of using biphasic 
alginate beads to address the solvent toxicity issue in SFE. To fabricate 
biphasic beads, a surfactant which was able to produce a stable oil-in-
water emulsion without inhibiting the enzyme activity was identified. 
Various parameters, including bead composition and reaction conditions, 
were investigated to achieve the optimum esterification yield in a model 
system. Finally, SFE was implemented by using biphasic beads entrapping 
a toxic solvent.  
4. The last objective of this thesis was to examine the viability of triphasic 
system to produce butyl butyrate in culture media. Screening was first 
done to select a fluorous solvent which led to the formation of triphasic 
system and gave the highest ester production. The main purpose was to 
develop an esterification system with advantages such as easy product 
recovery, possibility of in-situ product removal and reusable solvent. It 
was then proceeded to evaluate the toxicity of triphasic system as well as 




CHAPTER 2 LITERATURE REVIEW 
 
2.1 Production of butyl butyrate from renewable feedstock  
Butyl butyrate is an organic ester which presents naturally in fruits and honey. 
The ester is colorless, hydrophobic, and less dense than water [30]. Due to its 
pineapple-like aroma and non-toxicity at low concentration (<50 ppm), it is 
traditionally used as food fragrance [1]. Recently, butyl butyrate was also 
proposed as an aviation fuel due to its compliance with Jet A-1 standard (the 
minimum requirements for fuel used in civilian aircraft) [2, 3]. Although 
energy content of butyl butyrate is lower than that of conventional aviation 
fuels, combustion of butyl butyrate is expected to produce less contaminants 
such as sulfur compounds (SOx) [4].  
The most common route of butyl butyrate synthesis is esterification of butanol 
and butyric acid (Equation 1-1). Although both reactants can be obtained from 
fossil sources cheaply, it is more desirable to produce butyl butyrate from 
renewable feedstock. On one hand, it is motivated by the high demand for 
‘natural’ food additives. As per the legislations of U.S.A. and European 
Union, only food fragrances derived from natural materials are permitted to be 
labelled ‘natural’ [6]. As a result, butyl butyrate produced from renewable 
feedstock starts to gain traction despite the higher production cost. On the 
other hand, the production of butyl butyrate from renewable feedstock also 
attracts the attention of several research groups to produce biofuels for the 




To obtain renewable reactants of butanol and butyric acid to form butyl 
butyrate, a convenient route is to use ABE (acetone-butanol-ethanol) 
fermentation. An early demonstration was provided by Fayolle et al. [31] who 
used wheat flour as the feedstock. The sugars extracted from the wheat flour 
were consumed by bacteria to produce butanol and butyric acid through 
fermentation. After recovering butanol and butyric acid from the culture 
media, both reactants were esterified in heptane to produce butyl butyrate. 
Similar approaches were also adopted by other research groups to produce 
esters from renewable feedstock [32].  
Nonetheless, the bottleneck of the above strategy lies on ABE fermentation. 
Firstly, the feedstock was derived from food sources which are not desirable 
[8]. The second shortcoming is the elaborate and energy-intensive recovery 
processes required to recover butanol and butyric acid from the culture media 
[33, 34]. For instance, in the work of Fayolle et al., three recovery steps 
(distillation, extraction and electrodialysis) were used to obtain pure butanol 
and butyric acid. However, as described in Section 1.1, these recovery steps 
are necessary so that the subsequent esterification steps can be conducted in 
organic solvents [20]. These two limitations in ABE fermentation will be 
further elaborated in Section 2.2.3. 
2.2 Acetone-butanol-ethanol (ABE) fermentation 
2.2.1 History of ABE fermentation 
Historically, bacteria have been used to ferment sugars into butanol and 
butyric acid through a process called acetone-butanol-ethanol (ABE) 




during the fermentation. The process was first demonstrated by Louis Pasteur 
in 1861 and was later industrialized by Chaim Weizmann in 1916 although the 
aim back then was to produce acetone as a precursor for explosives [21]. 
However, ABE fermentation started to fade out with the advent of 
petrochemical industry in which butanol and butyric acid were produced 
through chemical synthesis [35]. The demise of ABE fermentation was further 
hastened by the high cost of molasses which was the main fermentation 
feedstock back then [21]. The chemical synthesis route remained the only 
economically viable source of butanol and butyric acid until now. 
Nevertheless, recently there is a renewed interest in ABE fermentation which 
is contributed by the intensified development of butanol as biofuel [36].  
 
2.2.2 Clostridia in ABE fermentation 
The most common microorganism used in ABE fermentation is the 
solventogenic members of genus Clostridium, which are Gram positive, spore-
forming and usually obligate anaerobic bacteria [37]. However, not all of them 
are able to produce butanol as a final product [38]. Frequently cited 
Clostridium species which produce butanol include C. acetobutylicum, C. 
beijerinckii, C. saccharobutylicum, or C. saccharoperbutylacetonicum [38, 
39]. Among them, C. acetobutylicum ATCC 824, C. saccharobutylicum P262, 
C. beijerinckii P260 and C. beijerinckii BA101 have been successfully 
commercialized [40, 41]. These Clostridium strains are able to utilize a wide 
range of substrates such as glucose, galactose, xylose, starch, and molasses to 




solvent ratio of ABE varies with each strain. For instance, C. acetobutylicum 
ATCC 824 produces ABE solvents in the ratio of 3:6:1, respectively [42] 
while strains like C. acetobutylicum 260 produces ABE in the ratio of 6:10:1 
[21]. The nutrient requirements for Clostridia are relatively simple although a 
complex nitrogen source like yeast extract is typically needed for optimum 
growth [44].  
ABE fermentation begins with acidogenesis phase followed by 
solventogenesis phase [45]. During the acidogenesis phase, which coincides 
with the exponential growth phase, acetic and butyric acids are produced while 
carbon dioxide and hydrogen gases are released. Part of the organic acids are 
then assimilated into acetone, butanol and ethanol during the subsequent 
solventogenesis phase [46], which also initiates sporulation due to solvent 
toxicity [47].  
The switch from acidogenesis to solventogenesis is mainly triggered by the 
changes in culture medium pH [48]. The pH decreases during the acidogenesis 
phase due to the production of organic acids. Once the pH reaches a critical 
value, which is usually in the range of 4.5 to 5.1 [49], the fermentation 
transitions into solventogenesis phase at which the pH increases due to the 
consumption of acids [43, 50]. Although not fully discerned, the transition is 
usually understood as part of the cell mechanism to adapt towards the 
unfavorable low pH conditions [51]. It is also shown that the acids act as 
inducers to the expression of solventogenic enzymes [52]. A low pH is 
therefore required to initiate solvent production and insufficient acid 
production will lead to a relatively short and unproductive solventogenesis 




2.2.3 Challenges in ABE fermentation 
One of the crucial challenges in ABE fermentation is the low concentrations of 
fermentation products in the culture media. For instance, the concentration of 
butanol usually lies in the range of 10-20 g/L at the end of fermentation [33, 
41, 54]. Table 2-1 summarizes some of the recently reported Clostridium 
strains and their respective butanol production in batch fermentation when fed 
with glucose. It can be seen from Table 2-1 that one of the highest 
documented butanol concentrations is 20.9 g/L produced by Clostridium 
beijerinckii BA101 even though very concentrated glucose was used (200 g/L) 
[55]. This is because high butanol concentration is toxic towards the 
fermenting bacteria by disrupting their intracellular ATP regulation, cell 
membrane structure as well as glucose uptake [56, 57]. It is also found that the 
cell membrane structure starts to destabilize at 10 g/L butanol and cellular 
metabolism practically stops above 20 g/L butanol [58-60]. As a result, 
Clostridium cells start to sporulate as part of a defense mechanism to 
withstand the more toxic environment [47]. Solvent production stops when all 
bacterial cells turn into spores and become dormant. With such a low butanol 
concentration, it is challenging to make ABE fermentation economically 
viable. Unfortunately, it is impossible to decouple solvent production and 
sporulation as previous studies showed that both processes are triggered by the 
same transcription factors [59]. 
Another challenge in ABE fermentation lies on the cost of feedstock. 
Traditionally, the feedstock for fermentation was derived from food crops 
such as maize, molasses, wheat, rye, and millet [21]. There were also 




bajra, apple pomace [61], cheese whey, cassava [21], peanut [62], and 
Jerusalem artichoke [63]. However, the increase in food price since the end of 
World War II has rendered them increasingly unaffordable as feedstocks for 
large-scale fermentation [61]. Given the price of the feedstock can contribute 
up to 79% of the production cost in ABE fermentation processes [41], there is 
a need to find an alternative feedstock which is cheaper and subject to less 
price fluctuation. In addition, there is an ongoing food-for-fuel debate on the 
ethicality to produce fuel from food crops which also serves as crucial food 






Table 2-1. Typical Clostridium strains used in ABE fermentation and their native abilities to express cellulase and xylanase.  
 
Clostridium strains Butanol produced (g/L) Glucose fed (g/L) Cellulase expression Xylanase expression Ref. 
C. acetobutylicum 260 14.5 60 N.D.* N.D. [65] 
C. acetobutylicum ATCC 824 14.5 60 Yes Yes [28, 66] 
C. acetobutylicum DSM 1732 12.97 54 N.D. N.D. [67] 
C. acetobutylicum JB200 19.2 80 N.D. N.D. [68] 
C. beijerinckii BA101 20.9 80 N.D. N.D. [69] 
C. beijerinckii NCIMB 8052 9.2 60 N.D. N.D. [70] 
C. beijerinckii P260 19.5 200 N.D. N.D. [55] 
C. butyricum BOH3 7.05 30  Yes Yes [29, 71] 
C. saccharobutylicum 262 11.7 60 N.D. N.D. [65] 
C. saccharoperbutylacetonicum N1-4 16.2 60 N.D. N.D. [72] 
C. saccharoperbutylicum Ox29 9.7 60 N.D. N.D. [73] 
C. beijerinckii G117 13.5 60 N.D. Yes [11, 74] 










2.3 Lignocellulosic biomass for fermentation 
As mentioned in Section 2.1, one of the challenges in butyl butyrate 
production from renewable feedstock is the cost of the feedstock. To reduce 
the cost and avoid competition with food supplies, the choice of feedstock has 
gradually shifted to the abundant and low-cost lignocellulosic biomass [75]. 
Structurally, lignocellulosic biomass is a complex organic mixture of dead 
plant cell walls. The biomass typically comprises cellulose (40-50%), 
hemicellulose (30-40%), lignin (8-10%) and small amount of ash (Figure 2-1), 
although the ratio varies significantly with the source of the biomass [76, 77]. 
However, only the first two components are made up of polysaccharides and 
can potentially be used as carbon sources in fermentation [8].  
Cellulose is a linear homo-polysaccharide made up by 500 to 14 000 glucose 
residues linked by β-1,4-glycosidic bonds [78]. On the other hand, the 
composition of hemicellulose is more diverse [79]. Approximately 50 to 90% 
of hemicellulose is xylan while the rest is made up by mannan, galactan and 
arabinan [80, 81]. Unlike cellulose, xylan is a shorter hetero-polysaccharide 
with a degree of polymerization up to 200 [78]. Xylan comprises a linear 
backbone of β-1,4-linked xylose residues with side branches made up by either 
arabinose, arabinofuranose, glucuronic acid, methyl hexouronic acid or uronic 
acid [82]. Xylose typically makes up 85 to 93% in xylan but the degree of 
branching and the nature of the side groups depend on the source of the 
biomass [83]. However, Clostridium cells are unable to utilize lignocellulosic 
biomass directly as a carbon source due to the sheer size of the (hemi)cellulose 
molecules [84]. As a result, the biomass has to be hydrolyzed into smaller 




treatment and saccharification of biomass are required in order to disrupt the 
complex cross-linked networks of polysaccharides and lignin and 
subsequently liberate the constituent monosaccharides [78].  
In saccharification, biomass hydrolysis can be accomplished through 
physicochemical processes. In these processes the biomass is subjected to a 
combination of extreme heat and mechanical stresses as well as chemical 
attacks to overcome the biomass recalcitrance. Examples of physical processes 
include steam explosion, hydrothermolysis, ammonia fiber expansion (AFEX), 
and radiation. During chemical processes, biomass is hydrolyzed by using 
either acids, bases, sulfites, oxidizing agents, organosolv solvents, or ionic 
liquids [86]. For instance, both Lu et al. [87] and Sun and Liu [88] used 
sulfuric acid to hydrolyze wood pulping and maple wood, respectively, to 
liberate monosaccharides prior to fermentation. However, these 
physicochemical processes are typically energy-intensive and non-specific. 
Furthermore, residual toxic inhibitors are usually found in the hydrolysis 
products either as a result of addition of hydrolyzing agents (phenols, ferulic 
acids, sodium hydroxide etc.) [62] or the formation of side products during 
hydrolysis (e.g. furfural) [89]. Therefore, prior to fermentation, the hydrolysis 
products have to be detoxified [87], usually by using ion-exchange resin [34]. 
Besides, it is found that excessive physicochemical processes are actually 
counter-productive which can lead to cellulose hornification and the plating 
out of lignin. As a result, the (hemi)cellulose undergoes reannealing which 






Figure 2-1. Composition of lignocellulosic biomass. The percentage values 
shown are the typical composition found in biomass but may vary widely with 
the source of the biomass.  
 
2.4 Lignocellulose-hydrolyzing enzymes  
Alternatively, biomass can also be hydrolyzed biochemically using 
enzymes. In contrast to the physicochemical processes, enzymatic 
hydrolysis is specific, requires milder conditions, produces no toxic side 
products, and does not modify the monosaccharides produced [90]. The 
enzymes used to hydrolyze cellulose are collectively known as cellulases. 
These enzymes, which include endoglucanase (EC 3.2.1.4), 
cellobiohydrolase (EC 3.2.1.91), and β-glucosidase (EC 3.2.1.21), act 
synergistically during cellulose hydrolysis by attacking the β-1,4-glycosidic 
bonds between glucose monomers in various parts of the cellulose. The 
endo-acting endoglucanase acts randomly on the cellulose linear chain and 
liberates cellodextrins. Conversely, exo-acting cellobiohydrolase acts on the 
chain ends and releases cellobiose [91]. Since the accumulation of 
cellobiose inhibits the activity of exoglucanase, another enzyme, β-




On the other hand, most of the focus in hemicellulose hydrolysis is directed 
towards its main constituents, xylan. Due to the heterogeneity of xylan, 
more than one enzymes are needed for its complete hydrolysis in which 
different enzymes are responsible to cleave various parts of the hetero-
polysaccharide. Analogous to endoglucanase and cellobiose in cellulose 
hydrolysis, endoxylanase (EC 3.2.1.8) cleaves the xylan linear chain to 
release xylo-oligosaccharides which are then further cleaved to xylose by β-
xylosidase (EC 3.2.1.37) [93]. The xylan side groups are cleaved by either 
arabinofuranosidase (EC 3.2.1.55), glucuronidase (EC 3.2.1.139) and acetyl 
xylan esterase (EC 3.1.1.6) to liberate arabinofuranose, glucuronic acid, and 
xylan acetyl substituents, respectively [82].  
Although enzymatic hydrolysis offers many benefits over its 
physicochemical counterparts, the process is relatively slow and usually 
requires days to complete. The sugar yield is also lower and most 
hydrolyzing enzymes suffer from product inhibition [94]. In many cases, the 
optimum hydrolysis efficiency is attained by conducting the enzymatic 
hydrolysis after some mild physicochemical steps to expose the internal 
(hemi)cellulose structures for enzymatic attacks [95]. For instance, Lu et al. 
[96] achieved almost complete hydrolysis of biomass to obtain glucose by 
coupling hydrothermolysis and cellulase treatment without the need of 
detoxification prior to fermentation. 
 




Most highly active hydrolyzing enzymes are produced by microorganisms 
of the genus Aspergillus, Trichoderma, Penicillium, Bacillus and 
Streptomyces [8]. These hydrolyzing enzymes can be harvested and added to 
hydrolyze (hemi)cellulose prior to ABE fermentation. However, it will be 
more attractive to have a solventogenic Clostridium strain which is able to 
express these hydrolyzing enzymes. This also paves the way to simultaneous 
saccharification and fermentation (SSF) process in which only a single strain 
is involved for both hydrolysis and fermentation.  
Several Clostridia, such as C. thermocellum and C. cellulolyticum, are well-
known to possess such traits and have been used in the development of SSF 
[17]. Unfortunately, all of these strains produce ethanol as the end product 
instead of butanol and butyric acid. Although there have been some efforts 
to engineer such strains to produce butanol, the butanol production is 
relatively low [97]. On the other hand, reports on strains which natively 
produce butanol, butyric acid and hydrolyzing enzymes are relatively scarce 
in the literature (Table 2-1). To date, the only two such strains are C. 
acetobutylicum ATCC 824 and C. butyricum BOH3 [28, 29]. 
There are two main limitations for Clostridia to express hydrolyzing 
enzymes. In most cases, the expressions of cellulase and xylanase from 
Clostridia are constitutive but their expression levels under such conditions 
are low. To enhance their expression, an inducer is required to be present in 
the growing culture [28, 66, 84]. The enzyme inducers are usually the 
substrates for the enzymes, namely cellulose (for triggering cellulase) or 
xylan (for triggering xylanase). However, inducers other than the substrate 




are strongly influenced by the presence of monosaccharides. This is because 
bacterial cells preferentially consume monosaccharides over polysaccharides 
when both are present; thus the enzyme expression is repressed. These 
phenomena are known as catabolite repression. For instance, Han et al. [98] 
showed that the presence of glucose completely suppresses the production of 
both cellulase and xylanase from C. cellulovorans. This is a concern if a 
Clostridium strain is used for both fermentation and production of the 
necessary hydrolyzing enzymes. This issue arises due to the partial release 
of monosaccharides during some of the pre-treatment steps of biomass [99]. 
As a result, repression of hydrolyzing enzymes production during bacterial 
growth may occur [100]. Although the phenomenon of catabolite repression 
in Clostridia has been studied extensively [66, 84, 93, 101, 102], a detailed 
investigation regarding its impact on biofuel production is still lacking in the 
literature.  
This thesis mainly focuses on Clostridium beijerinckii strain G117 which 
was isolated in our laboratory [11] and is well-characterized [12]. This 
particular strain possesses several unique traits which render it attractive in 
butyl butyrate production from renewable feedstock. The main draw is its 
high butanol production capability compared to other Clostridium strains 
(Table 2-1). In particular, the butanol production capability of strain G117 is 
47% higher than that of C. beijerinckii strain NCIMB 8052 although both 
strains share 99% similarity in their 16S rRNA gene sequence. Apart from 
glucose, strain G117 is also able to consume xylose natively to produce 
butanol and butyric acid [103]. More importantly, strain G117 is the only 




absence of ethanol potentially leads to purer esterification products. Last but 
not least, strain G117 can potentially produce xylanase due to the presence 
of xylanase gene in its genome. These attributes make strain G117 unique 
because most butanol-producing C. beijerinckii strains do not express 
hydrolyzing enzymes (Table 2-1) and relies on exogenous enzymes to 
hydrolyze the biomass prior to ABE fermentation [55, 104-109].  
 
2.5 Recovery of butanol and butyric acid from culture media 
As described earlier, both butanol and butyric acid have to be recovered from 
the culture media before they can be esterified in organic media. However, 
such recovery steps are challenging since the concentrations of butanol and 
butyric acid are very low in the culture media [21, 110]. Since similar 
principles have been applied to recover both butanol and butyric acid, only 
butanol recovery technologies are discussed here. [10, 34, 111].  
Because butanol solubility is 80.3 g/L (at 20°C), it is impractical to recover 
butanol through phase separation. As a result, steam distillation is 
conventionally employed for butanol recovery [112, 113]. For instance, 
Roffler et al. [114] utilized three-stage distillation to recover butanol (13.7 
g/L) from the culture medium of C. acetobutylicum ATCC 824. However, 
since butanol is very diluted, this process is extremely energy-intensive [31, 
41]. It is estimated that the process consumes 66% of the energy content of the 





As a result, more energy-efficient separation processes were developed as a 
substitute for distillation such as gas stripping, pervaporation, extraction, and 
adsorption [115, 116] in which the first two received the most attention [117]. 
Apart from their lower energy consumption, it is also possible to integrate 
these processes into the fermentation system to continuously remove the 
butanol in situ. The fermentation yield can therefore be improved by relieving 
the butanol toxicity in the culture medium [58, 118]. The production costs are 
also reduced due the decrease in the number of unit operations and the usage 
of more concentrated feed streams [117, 119]. In Figure 2-2 and Table 2-2, 
different butanol recovery processes for ABE fermentation and their main 






Figure 2-2. Processes for butanol recovery in ABE fermentation. The 
directions of migration of butanol from the culture media are dictated by 
arrows. CM: culture medium, TCM: treated cultured medium, CCM: 








































Table 2-2. Comparison of various butanol recovery techniques in ABE fermentation. 
 
Adsorption 
Features a) In adsorption, butanol is selectively adsorbed on a surface of a solid adsorbent. 
b) To recover the butanol, the butanol is desorbed from the adsorbent which is usually done by heating or adding a displacer.  
c) Adsorbent performance is usually measured by the adsorption rate and capacity.  
d) Common adsorbents include activated carbon, zeolite, silicalite, metal organic frameworks (MOF) and various forms of ion exchange 
resins such as Amberlite® and Dowex® [33]. 
Pros a) Low energy consumption. 
b) Easy operation. 
Cons a) Clogging of adsorbent. 
b) Loss of nutrients. 
c) Adsorbent toxicity. 
d) Low selectivity.  
Application 
examples 
a) Abdehagh [120] utilized activated carbon F-400 to adsorb more than 91% butanol in a model system. The capacity of adsorbent is 185 
mg/g.  









Bottleneck Butanol selectivity 
Gas stripping 
Features Oxygen-free hydrogen, nitrogen or carbon dioxide is bubbled through the culture medium to strip away the butanol. The stripping gas is then 
partially condensed to recover the butanol and then the stripping gas can be reused by circulating back to the culture medium [33].  
Pros a) No toxicity issues. 
b) No loss of nutrients. 
c) Minimal mass transfer resistance. 
Cons a) Low stripping rate. 
b) Low selectivity [122] as the recovered product usually 
contains significant amount of acetone [123]. 
c) High energy demand due to constant heating and 
cooling of the stripping gases [61]. 
Application 
examples 
a) Setlhaku et al. [124] used nitrogen stripping to recover around 49% butanol from the culture medium with a butanol selectivity of 3.4.  
b) Ezeji et al. [125] improved the butanol selectivity in nitrogen stripping to 9.5 by optimizing the gas bubble size and agitation speed.  
Bottleneck Butanol selectivity. 











Features a) An organic solvent is added to the culture medium as an extractant to extract the butanol. Butanol is then separated from the extractant 
through distillation or evaporation [126].  
b) The extractant should be immiscible, possess high density difference and high interfacial tension relative to the culture medium for easier 
separation [52]. 
c) The solvents should have high partition coefficient values towards butanol but not the substrates, nutrients and fermentation 
intermediates [115].  
d) For in-situ butanol recovery during fermentation, the extractant has to be non-toxic towards the bacteria. Potential non-toxic solvents 
include decanol, dibutyl-phthalate, propylene glycol, and oleyl alcohol [127].  
e) However, extractants which are nontoxic usually have low affinity towards butanol and vice versa [128]. As a trade-off, mixed extractant 
has been proposed, including the combination of oleyl alcohol and decane or benzyl benzoate [129].  
Pros  a) Low energy requirement. 
b) Minimal mass transfer resistance. 
Cons a) Solvent toxicity. 
b) Formation of rag layers and emulsion. 











d) Accumulation of bacterial cells at the interface [130]. 
Application 
examples 
a) Roffler et al. [129] recovered 67% of butanol by using oleyl alcohols as an extractant. 
b) Evans and Wang [128] increased butanol production by 72% by using mixed extractants comprising 80% oleyl alcohol and 20% decanol.  
Bottleneck Extractant toxicity 
Perstraction 
Features a) Perstraction is a modified form of liquid-liquid extraction in which the extractant and the culture media are separated by a membrane. 
Butanol is then separated from the extractant using either distillation or evaporation.  
b) Apart from possessing high butanol selectivity and flux, the membrane has to be compatible with the extractant used.  
c) Reported extractants used in perstraction include oleyl alcohol, polypropylene glycol, tributyrin, octanol and dodecanol [33].  
d) Compared to pervaporation, the butanol selectivity in perstraction is higher but suffers from low permeate flux [131]. 
Pros a) No toxicity issues. 
b) No emulsion formation. 
Cons a) Membrane fouling. 
b) Expensive to operate. 













a) Jeon and Lee [133] used silicone membrane to recover 87% butanol from culture medium into oleyl alcohol.  
b) Grobben et al. [134] used polypropylene membrane to recover 82% butanol from culture medium into a mixed extractant comprising 
oleyl alcohol and decane.  
Bottleneck Membrane fouling 
Pervaporation 
Features a) Separation is achieved using a membrane which is selectively permeable to butanol. After butanol has solubilized and diffused across the 
membrane, it is vaporized by the low pressure at the permeate side. The butanol vapor is then recovered through condensation [135].  
b) The membrane should have high butanol selectivity and flux although it is challenging to achieve both at the same time [136].  
c) Some common membrane materials include poly(methoxysiloxane), polytetrafluoroethylene, polypropylene, and poly(dimethyl siloxane) 
[52, 135]. 
Pros a) No toxicity issues. 
b) High butanol selectivity. 
Cons a) Membrane fouling and swelling. 














One of the best performing membranes was made by integrating poly[1-(trimethylsilyl)-1-propyne] with silica (PTMSP-silica). Using a feed 
stream of 5% butanol, the highest recorded flux is 9500 g/(m2·h) with a separation factor of 104 [137].  
Bottleneck Fouling 
Reverse osmosis (RO) 
Features a) High pressure is exerted to remove water through a semi-permeable membrane. 
b) RO can be configured to remove either butanol or water (dehydration) by tweaking the membrane properties. In the latter case, it is 
usually employed as a concentration process prior to distillation [33].  
Pros a) No toxicity issues. 
b) High butanol selectivity. 
Cons a) Membrane fouling. 
b) Feed needs to be treated with ultrafiltration. 
c) Some RO membranes are soluble in acetone.  
d) Low flux. 
Application 
examples 
Garcia et al. [138] recovered 90% butanol from cell-free culture medium through RO with polyamide membrane.  








It is clear from Table 2-2 that most state-of-the-art recovery techniques have 
their own shortcomings and are still unable to match the performance of 
conventional distillation. Nevertheless, comparing to distillation, the energy 
demands of these techniques are usually lower. In general, the energy 
demands increase in the order: extraction< adsorption< pervaporation< gas 
stripping< distillation [33]. However, Qureshi et al. [139] noted in certain 
cases gas stripping only saves less than 10% of energy compared to steam 
distillation. Notwithstanding, little consensus is reached on the most promising 
substitute for distillation. For instance, Qureshi and Blaschek [135] preferred 
the use of pervaporation while Abdehagh et al. [33] advocated adsorption. 
Both Groot [122] and Schügerl [127] preferred extraction and pervaporation 
while several others were in favor of gas stripping [10, 112, 115, 140]. The 
rationale behind the choices is usually the result of compromise of various 
factors such as stability, recovery efficiency, energy consumption, and the 
ease of scaling-up [36]. On the other hand, Dürre [141] and García et al. [36] 
conceded that it is impossible to single out the most suitable technique due to 
the various limitations associated with each technique.  
There are also some endeavors to develop hybrid techniques which integrate 
two or more recovery techniques at the downstream of fermentation. Some 
examples of such system include pervaporation-distillation [142], adsorption-
distillation [139], and gas stripping-distillation-extraction [143]. They are 
particularly attractive as they can achieve comparable performance relative to 
multi-column distillation but with higher energy efficiency. However, their 
feasibility is hindered by high capital cost, operational complexities and 




2.6 Production of esters in aqueous solutions  
Motivated by the bottlenecks of the current separation technologies described 
above, various attempts were made to conduct esterification in situ in aqueous 
solutions without the need to recover the alcohols or acids. The esters 
produced are expected to be more easily recoverable because esters are usually 
more hydrophobic than alcohols and acids [111]. Some of the recent 
endeavors are summarized in Table 2-3.  
 
Table 2-3. Recent examples of ester production in aqueous solutions through 
esterification without the recovery of alcohols and acids.  
 
Ester formed Medium Ester yield 
(%) 
Organic phase Ref. 
2-Ethyl-1-hexyl 
acetate 
Model wastewater 69 2-ethyl-1-hexyl 
alcohol* 
[144] 
2-ethylhexyl acrylate Model wastewater 70 2-ethyl hexanol* [145] 
2-octyl-dodecane-1-yl 
acetate 
Model wastewater 67 2-Octyl-1-
dodecanol* 
[146] 
Butyl acetate Electrodialyzed spent 
culture medium 
20 - [147] 
Ethyl acetate Model wastewater 70 Toluene [14] 
Ethyl lactate Concentrated model 
culture medium 
73 Tributyl phosphate [148] 
Hepthyl acetate Model wastewater -^ Heptanol* [149] 
Hexyl acetate Model culture medium 83 Hexanol* [150] 
Iso-amyl acetate Model wastewater 51 Iso-amyl alcohol* [151] 
*The organic phase also doubles as the reactant for esterification. 





It is noted that most studies cited in Table 2-3 focused on acids or alcohols 
which are originally present in water such as those in industrial wastewaters or 
culture media. Esterification is an attractive option because the ester products 
typically have a higher market values than the acids and alcohols from which 
the esters are derived [144, 151]. Table 2-3 also shows that a water-insoluble 
solvent is added to the aqueous solution to form a biphasic system during ester 
production. The rationale of using a biphasic system in esterification will be 
discussed in the following section.  
When only acids are present in the aqueous solutions, alcohols can be 
supplemented to initiate the esterification reaction. The choices of alcohols are 
usually determined by the marketability of the resulting esters. However, a 
water-insoluble alcohol can also double as the organic phase and the ester 
production can be enhanced due to presence of concentrated and excess 
alcohols as reactants (Table 2-3). In addition, catalysts are also required in 
esterification. Common choices of catalysts include inorganic acids (sulfuric 
acid, hydrochloric acid, sulfonic acid etc.) [5] or enzymes such as lipase 
(triacylglycerol hydrolase, EC 3.1.1.3) [152]. The latter is gaining popularity 
in recent years because it requires milder reaction conditions, does not degrade 
the ester products, and is environmental-friendly [20, 25].  
The ester production can be conducted either sequentially or concurrently with 
the fermentation process. The reason to conduct both processes concurrently is 
because esterification can be used to alleviate the butanol toxicity in the 
culture media by continuously consuming the butanol. The process is 
appropriately named simultaneous fermentation and esterification (SFE) and 




described. A possible reaction scheme of SFE is depicted in Figure 2-3. 
Butanol and butyric acid, both products of ABE fermentation, are esterified in- 
situ in a biphasic system comprising a growing culture and an organic phase. 
This leads to a reduction in butanol concentration and therefore alleviates the 
solvent inhibition. Esterification may occur in both phases but the reaction is 
much more efficient in the organic phase. Due to its hydrophobicity, the ester 
formed, butyl butyrate, accumulates in the organic phase (Figure 2-3). To date, 
such idea has only been explored by van den Berg et al. [22]. They showed 
that butanol and butyric acid can react in situ in a biphasic system constituted 
by hexadecane and an actively growing C. acetobutylicum culture. When the 
esterification was conducted concurrently with fermentation, 0.51 g/L butyl 
butyrate was concentrated in the hexadecane phase at the end of SFE.  
 
 
Figure 2-3. Simultaneous esterification and fermentation in a biphasic system. 
(A) Both butanol and butyric acid are produced in the culture medium through 
ABE fermentation. (B) Butanol toxicity in the culture medium is reduced by 
its consumption, together with butyric acid, through esterification to form 
butyl butyrate. (C) Only protonated butyric acid molecules take part in 
esterification. However, butyric acid molecules ionize in water into butyrate 
and thus it is crucial to maintain a low pH to maximize the amount of 
protonated acid molecules.  
 




One major limitation in producing butyl butyrate in culture media is that 
esterification is known to be inefficient in aqueous media. This is because 
esterification is innately a reversible equilibrium process. Since water is a 
product of esterification (Equation 1-1), this implies that excess water drives 
the equilibrium towards the hydrolysis rather than the synthesis of esters [20] 
and this explains the low production of ester in pure aqueous media [153]. For 
instance, Table 2-3 shows that the esterification yield of butyl acetate is only 
20% in spent culture media. To overcome this, an organic solvent is usually 
added to form a biphasic system (Figure 2-3). This is because esterification is 
much more efficient in organic media and the addition of organic solvents to 
aqueous solutions is able to shift the equilibrium to favor the formation of 
ester [19]. To date, biphasic systems are frequently utilized for esterification in 
aqueous solutions [14, 126, 146, 154-165].  
However, the utilization of biphasic system leads to further complications. For 
instance, additional purification steps such as distillation or evaporation are 
required to recover the ester product accumulated in the organic phase [126]. 
In the case of SFE, the organic solvent added also has to be biocompatible 
since it is in direct contact with the growing cultures and this severely limits 
the choice of solvent that can be used. In the SFE experiments conducted by 
van den berg et al. [22], hexadecane was used to form the biphasic system due 
to its low toxicity towards C. acetobutylicum ATCC 824. Nevertheless, 
hexadecane is more expensive than lighter alkanes and may not be the most 
suitable alkanes to facilitate esterification [27]. Another restriction of the 
biphasic system is the limited interfacial area which slows down the reaction 




However, emulsifying a growing bacterial culture is impractical because 
vegetative cells of Clostridia are unable to survive the harsh emulsification 
process [167].  
Finally, esterification in aqueous media is sensitive to pH. This is because the 
reaction can only proceed when the organic acid molecules are protonated 
[168]. Given the pKa of butyric acid is 4.8, the pH should be kept lower than 
4.8 to have more acids in the protonated form (Figure 2-3). Buthe et al. [169], 
Delhomme et al. [126], and Katikaneni and Cheryan [147] demonstrated the 
pH-dependency of esterification in biphasic system and showed that no 
product was formed at pH equals to the pKa or higher. However, ABE 
fermentation mostly proceeds in the pH range of 4.8 to 5.5 [21]. This poses a 
challenge in reconciling the different pH requirements when the two processes 
are conducted simultaneously in SFE. A possible workaround, adopted by van 
den berg et al. [22], is to supplement butyric acid into the culture medium 
extracellularly during SFE. It was reported that the amount of butyl butyrate 
formed increases by around 86% due to the decrease in pH and the increase in 
reactant (butyric acid) concentration. However, it is not possible to lower the 
pH further because most Clostridia are unable to survive pH below 4.5 [21]. A 
permanent solution is to increase the acid tolerance of bacteria through 
techniques such as whole-cell immobilization [170] and genetic engineering 





CHAPTER 3 PURIFICATION AND CHARACTERIZATION OF 
XYLANASE FROM CLOSTRIDIUM BEIJERINCKII G117 
 
3.1 Introduction  
As outlined in Section 2.3, the choice of feedstock for ABE fermentation has 
gradually shifted from food crops to nonedible, low-cost lignocellulosic 
biomass. Structurally, the biomass mainly consists of long-chain 
polysaccharides such as cellulose and xylan. Because cellulose is the major 
component in biomass, it is not surprising that extensive works have been 
dedicated to the use of cellulose for ABE fermentation [174]. However, the 
utilization of xylan should not be neglected. This is because it is found that 
butanol production from fermentation is not economical unless xylan is also 
consumed alongside with cellulose [81, 175]. In addition, unutilized xylan also 
affects the subsequent enzymatic hydrolysis of cellulose [176]. It is also 
reported that the xylan composition in certain types of biomass is significantly 
higher than cellulose. For instance, the xylan content in leave can be as high as 
85% [174]. 
However, before its uptake by Clostridia, xylan must first be hydrolyzed to 
liberate fermentable sugars [85]. Xylan is a polymer of D-xylose cross-
linked by β-1,4-glycosidic bonds (Figure 3-1). As described in Section 2.4, 
enzymatic hydrolysis of xylan is preferred over physicochemical method 
due to its many merits. Among the many xylan-hydrolyzing enzymes, 




to release xylo-oligosaccharides or xylose (Figure 3-1). These sugars can 
then be fermented by the bacteria to produce butanol and butyric acid [93].  
 
Figure 3-1. The structure of xylan linear polymer and the attack sites of 
xylanase.  
 
Although certain Clostridia such as C. thermocellum are able to utilize xylan 
to produce ethanol, most butanol-producing Clostridia do not express 
xylanase natively [177]. Thus, they are unable to utilize lignocellulose for 
ABE fermentation. The only two reported exceptions are C. acetobutylicum 
ATCC 824 and C. butyricum BOH3 (Table 2-1). This chapter focusses on 
the newly-isolated butanol-producing C. beijerinckii G117. As mentioned in 
Section 2.4.1, apart from its high butanol production capability, this strain 
can potentially produce xylanase due to the presence of one xylanase gene 
(endo-1,4-beta-xylanase, EC 3.2.1.8) in its genome.  
To better understand this unique strain and its xylanolytic system, extensive 
studies were carried out on the production, purification and characterization 
of the xylanase from strain G117. As explained in Section 2.4.1, the two 
important factors influencing the xylanase expression is the presence of 
inducers and monosaccharides. Therefore, the best inducer for strain G117 
to produce xylanase was first determined and then the impact of the 
presence of monosaccharides on enzyme production was studied. Next the 




weight and gene sequence of the enzyme could be determined. Using the 
purified xylanase, other important enzyme properties were investigated such 
as specificity, kinetics, and the composition of the hydrolysis products. 
Effects of metal ions, inhibitors, temperature and pH on the activity of 
xylanase were also examined. The above information is important for the 
production of butanol and butyric acid from lignocellulosic biomass 
especially those rich in hemicellulose [18]. This is also the first ever study 
focusing on the purification and characterization of xylanase from 
Clostridium beijerinckii. 
3.2 Materials and methods   
3.2.1 Materials and reagents  
All carbon sources (except arabinose) and the components of the culture 
media were obtained from Sigma-Aldrich (U.S.A.). Arabinose was obtained 
from Alfa Aesar (U.K.). The beechwood xylan (X4252, Sigma-Aldrich) 
used in this study contains more than 90% xylose residues. Chemicals and 
the apparatus used in gel electrophoresis were obtained from Bio-Rad 
(U.S.A.) unless otherwise stated. All other reagents used were of analytical 
grade.   
3.2.2 Cell culture conditions   
The minimal salt medium was first prepared based on a previously reported 
protocol [178] with an additional 0.3% of yeast extract. This medium was 
dispensed into serum bottles (20 mL each), purged with nitrogen and sealed 




involving solid substrates (beechwood xylan, cellulose, carboxymethyl 
cellulose, or lignin), the substrate was added into the medium-containing 
bottle before it was sealed. Alternatively, the liquid carbon sources (D-glucose, 
D-xylose and L-arabinose) were prepared as stock solutions and sterilized 
separately. Inoculum of G117 was prepared by diluting an active subculture to 
0.5-0.6 g/L cell dry weight (approximately 1.9-2.2×107 cell/mL). After adding 
the inoculum to the medium in a 1:9 ratio, the bottles were incubated at 35°C 
with 130 rpm shaking. Samples were drawn periodically, and after 
centrifugation at 10,000×g for 10 min, the supernatant was used for further 
analysis. The resulting cell pellet was washed with deionized water and 
resuspended in 0.1 M sodium hydroxide. The solution was then boiled for 30 
min and the total cell protein was measured using Bradford reagent (Sigma-
Aldrich, U.S.A.). 
3.2.3 Xylanase assay and protein quantification  
The xylanase activity was assayed by measuring the reducing sugars 
released during xylan hydrolysis. Xylanase solution (100 μl) was added to 1 
mL of 0.5% (w/v) beechwood xylan in acetate buffer (50 mM, pH 5.0). The 
reaction mixture was subsequently incubated at 50°C for 15 min and then the 
total reducing sugar was quantified using dinitrosalicylic acid (DNS) [179]. 
One unit of activity (U) is defined as the liberation of 1 µmol of reducing 
sugar from the enzymatic reaction in 1 min. Two blank controls (enzyme-
blank and substrate-blank) were also prepared. The values from both blanks 
were subtracted from the measured xylanase activity. The protein was 
quantified using Bradford reagent, according to the protocol provided by the 




3.2.4 Purification of xylanase  
The purification of xylanase was completed in two steps. The first step was 
to precipitate xylanase using salting-out method [180]. After growing strain 
G117 in a minimal salt medium containing 1% beechwood xylan for 48 h, 
the supernatant was collected after centrifugation (12,000×g, 10 min, 4°C) 
and then filtered through a 0.22-µm membrane filtration module (Corning, 
U.S.A). Ammonium sulfate was added gradually to achieve 80% saturation 
(0.52 g/mL of supernatant) and the solution was incubated overnight at 4°C. 
The protein was collected through centrifugation (8,000×g, 15 min, 4°C) and 
then resuspended in phosphate buffer (pH 6.0, 50 mM). After desalting with 
a PD-10 gel-filtration column (GE Healthcare, U.K.), the solution obtained 
was treated as the crude protein solution. The second purification step was to 
separate the proteins using size-exclusion chromatography (SEC). First, the 
crude protein solution was loaded into a column (Superdex 200 10/300 GL) 
mounted on an ÄKTA purifier (both from GE Healthcare, U.K.). The 
column was pre-equilibrated with phosphate buffer (50 mM, pH 6.0) and 
flushed with 36 mL (equivalent to 1.5 column volumes) of the same buffer 
after sample loading. The column elution was collected in 1-mL fractions 
and fractions exhibiting xylanase activity were pooled together for further 
analysis.   
3.2.5 Gel electrophoresis  
Sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) was 
conducted under the conditions reported previously [29] except for the running 




Scientific, U.S.A.) protein marker was used as a molecular weight indicator. 
The gel was stained with Coomassie and the image was captured using a Gel 
Doc system.  
Zymography of purified xylanase was conducted using the protocol reported 
previously [29] with minor modifications. After the electrophoresis under 
native conditions, the gel was incubated with 1% beechwood xylan in acetate 
buffer (pH 5.0, 50 mM) for 1 h at 35°C with agitation. After washing, the gel 
was stained with 0.5% Congo red for 10 min. The excess dye was washed 
away using ample 1 M sodium chloride. Acetic acid (0.5%) was added to turn 
the gel blue to facilitate visualization. 
3.2.6 Mass spectrometry and peptide mass fingerprinting  
Mass spectrometry was used to determine the molecular weight of the 
xylanase from strain G117. For matrix preparation, 10 mg/mL 2,5-
dihydroxybenzoic acid (Sigma, U.S.A) was prepared in an aqueous solution 
containing 0.1% trifluoroacetic acid and 50% acetonitrile. The purified 
xylanase solution was further concentrated using a Vivaspin ultrafiltration 
module (5 kDa cut-off, GE Healthcare, U.K.). The concentrated xylanase 
solution was then mixed with the matrix in a 3:1 ratio. The sample was 
analyzed with an Autoflex II MALDI-TOF mass spectrometer (Bruker 
Daltonics, U.S.A.). For protein sequence confirmation, peptide mass 
fingerprinting (PMF) was performed. The purified xylanase band on SDS-
PAGE was first cut and digested in-gel using trypsin (Promega, Germany). It 
was given to the Protein and Proteomics Centre at the National University of 




3.2.7 Xylanase specificity and kinetics 
To investigate the substrate specificity, assays using purified xylanase were 
carried out with either 0.5% w/v beechwood xylan, carboxymethylcellulose 
(CMC), Avicel cellulose, cellobiose, or starch. Kinetic studies with 
approximately 10 U purified xylanase were performed by varying the 
beechwood xylan concentration in the assay from 0.1 to 1.0% (w/v). All 
assays were conducted under the conditions described previously.   
3.2.8 Effects of metal ions and inhibitors/promoters  
To study the effects of the presence of metal ions and inhibitors/promoters 
on xylanase activity, assays were performed with purified xylanase in the 
presence of metal salts (1 and 10 mM AgNO3, CaCl2, CoCl2, CuSO4, FeSO4, 
MnSO4, NiCl2, ZnCl2, and MgCl2) or common enzyme inhibitors/promoters 
(1, 10, and 50 mM ethylenediaminetetraacetic acid, urea, cysteine, 
dithiothreitol, beta-mercaptoethanol, SDS, 4-aminobenzoic acid, and Tween 
80). The results were normalized based on the enzyme activity without 
metal ions or inhibitors/promoters.   
3.2.9 Effects of temperature and pH  
Xylanase activity was measured by assaying purified enzyme at pH 5.0 with 
temperatures ranging from 30°C to 60°C. Upon completion of the enzymatic 
reaction, the solution was immediately quenched in an ice bath before DNS 
reagent was added to prevent further reaction. The optimum xylanase pH 
was discerned by dissolving beechwood xylan in 50 mM citrate (pH 3.0), 




as the assay substrate. The activity was then assayed at 50°C. For the study 
of enzyme temperature stability, purified xylanase was first incubated at 
different temperatures (30-60°C) at pH 5.0. Samples were then taken every 
15 min and assayed at 50°C at pH 5.0. For the pH stability studies, the 
samples were first buffer-exchanged with buffers at different pH values, 
which was accomplished by desalting using Vivaspin concentrators (5 kDa 
cut-off, GE Healthcare, U.K.) to avoid diluting the enzyme solution. The 
buffer solutions used were the same as those used in the determination of 
optimum pH. After buffer-exchange, the xylanase solutions were incubated 
at 35°C. The residual activity of the xylanase was assayed after 0, 12 and 24 
h of incubation.   
3.2.10 Enzymatic hydrolysis of xylan  
Approximately 10 U of purified xylanase was mixed with 2 mL of acetate 
buffer (pH 5.0, 50 mM) containing 4% (w/v) beechwood xylan. After 
incubation for 48 h at 40°C, the solution was centrifuged (12,000×g, 10 min, 
4°C) and filtered with a 0.22-µm membrane filtration module (Corning, 
U.S.A). Subsequently, the solution was concentrated approximately 4-fold 
using a freeze drier (Christ, Germany). A control experiment lacking xylanase 
was also performed in parallel. The composition of the hydrolysis products 
was analyzed with high performance liquid chromatography (HPLC) using a 
Zorbax column (Agilent, U.S.A) and a refractive index detector (RID). The 




3.3 Results and discussion  
3.3.1 Production of xylanase  
The growth profile (in terms of total cell protein) of strain G117 in a 
minimal salt medium containing 1% of beechwood xylan is shown in Figure 
3-2. The fermentation started with a lag phase for approximately 7 h 
followed by a relatively short exponential phase. The xylanase activity 
started to increase at the beginning of the exponential phase and attained its 
highest activity when the fermentation entered stationary phase. This result 
implies that the production of xylanase is associated with growth, which is 
similar to C. beijerinckii LU-1, as reported by Marichamy and Mattiasson 
[181]. The short exponential phase was concurrent with an acidogenesis 
phase that led to an abrupt drop in pH (Figure 3-2). The fermentable sugars 
liberated by the xylanase were utilized to produce organic acids (2.67 g/L 
butyric and 0.57 g/L acetic acid) during the acidogenesis phase. The final 
amount of solvents was relatively low (0.37 g/L butanol and 0.064 g/L 
acetone). Notably, as shown in Table 3-1, the maximum xylanase activity 
from strain G117 is comparable to that of C. beijerinckii LU-1, but it is 
higher than most wild-type Clostridia strains. In addition, the time required 
for strain G117 to attain maximum xylanase activity (2.66 U/mL) is rather 





Figure 3-2. The growth, xylanase production and pH profiles of strain G117 
cultured with 1% beechwood xylan in a minimal salt medium.  
 
Table 3-1. Comparison of maximum xylanase activity from various wild-type 
Clostridia strains and the respective time to attain the maximum activity.   
 







C. celerecrescens 20 h 0.045 [182] 
C. beijerinckii LU-1 21-24 h 3.4 [181] 
C. cellulovorans 36 h 0.5 [183] 
Clostridium sp. SAIV 60 h 0.5 [184] 
C. absonum CFR-702 72 h 1.1 [185] 
C. acetobutylicum ATCC 
39236 
175 h 0.05 [186] 
Clostridium sp. PXYL1 6 days 0.025 [187] 






To determine the most efficient xylanase inducer, strain G117 was cultured 
with various carbon sources for 48 h before the activity was quantified. 
Among all carbon sources (1% w/v) tested, beechwood xylan was the best 
inducer and led to the highest xylanase activity (2.6 U/mL). In contrast, 
arabinose and xylose only resulted in 0.28 and 0.20 U/mL of xylanase activity, 
respectively. Negligible activity was observed when glucose, sucrose, lignin, 
cellulose or filter paper was used as the carbon source. This trend is similar to 
xylanase from other clostridial strains [181, 183-185, 188].   
3.3.2 Effect of monosaccharides on the production of xylanase 
To investigate the effect of monosaccharides on the production of xylanase, 
G117 was grown in media containing 1% xylan in the presence of either 
glucose, xylose or arabinose in varying concentrations. Both the xylanase 
production and total cell protein concentration were measured after 48 h of 
growth. To take cell growth into account, the observed xylanase production 
was normalized against the corresponding total cell protein concentration, as 
presented in Figure 3-3. The xylanase production was affected by the type of 
monosaccharide and its concentration (Figure 3-3). Both xylose and 
arabinose enhanced xylanase production at concentrations below 2.5 g/L, 
but repressed the enzyme production at higher concentrations. In contrast, 
glucose repressed xylanase production at all concentrations. The repression 
of xylanase production has been reported for many Clostridia except for C. 
beijerinckii [84]. This study confirms that the xylanase production in C. 
beijerinckii, like the other clostridial species, is also repressed by 
monosaccharides. When both monosaccharides and polysaccharides are 




they are easier to metabolize. As a result, less hydrolyzing enzymes are 
expressed, which is driven by a mechanism known as catabolite repression. 
In contrast, the enhancement of xylanase production at low monosaccharide 
concentrations can be explained through a regulatory mechanism for the 
expression of xylanase [84, 93]. In brief, either xylose or arabinose can enter 
the cell membrane and induce the expression of xylanase. However, this is 
only true at low monosaccharide concentrations when it is nutrient-limiting. 
At high monosaccharide concentrations, this process is outweighed by the 
effect of catabolite repression. Thus, xylanase production is again repressed. 
A similar regulation pattern was also reported by Stoppok et al. [189] when 
cellobiose was used as a substrate for endoglucanase expression in C. uda. 
Because glucose is not part of the xylanase regulation mechanism, xylanase 
production is suppressed regardless of its concentration. This result is 
supported by Han et al. [98], who showed that the presence of glucose 
suppresses the production of both cellulase and hemicellulase from C. 
cellulovorans at the transcriptional level. The repression of xylanase 
production by monosaccharides has important implications in enzymatic 
hydrolysis of lignocellulosic biomass during biofuel production. This is 
because monosaccharides are released in certain biomass pre-treatment 





Figure 3-3. Influence of monosaccharide concentration on xylanase 
production from strain G117 in the presence of 1% beechwood xylan. 
Normalized activity refers to the ratio of xylanase activity to the 
corresponding total cell protein concentration (both measured after 48 h). 
Xylanase production is repressed when the monosaccharide concentration is 
more than 5 g/L but enhanced by 2.5 g/L of either xylose or arabinose. 
 
3.3.3 Purification of xylanase  
Crude xylanase was purified to homogeneity using the 2-step method 
described in Section 3.2.4. Xylanase was among the last proteins to elute 
from the size-exclusion column, implying that it has a relatively small 
molecular weight compared to other proteins in the medium supernatant 
(Figure A-1 in Appendix A). The fractions showing xylanase activity were 
then pooled together and analyzed by SDS-PAGE. The gel image, presented 
in Figure 3-4, suggests that these fractions contain a single dominant protein. 
In addition, the non-denaturing zymogram of purified xylanase is also 
shown in Figure 3-4. The highlighted clear zone represents the hydrolyzing 
activity of the purified xylanase when incubated in a 1% beechwood xylan 
solution. The activity of the purified xylanase solution was 73.2±1.8 U/mg, 




xylanase activity, the overall purification yield was 32.2%. The detailed 
purification table is available in Appendix A (Table A-1). Compared to what 
is used for other bacterial xylanases, the purification scheme employed in 
this work is much simpler. Reasonable yield and purity can be achieved with 
just one chromatographic step, unlike the conventional two-step ion 
exchange-size exclusion strategy [180].   
 
Figure 3-4. SDS-PAGE images of molecular weight marker (lane 1), the 
crude enzyme (2) and purified enzyme (3). The xylanase band on the gel is 
highlighted. Lane 4 shows the non-denaturing PAGE of the purified xylanase 
where a clear band signifies xylan-hydrolyzing activity. 
 
 
Using MALDI-TOF-MS, it was further determined that the molecular 
weight of this xylanase was 22,599 Da (Figure A-2 in Appendix A), which 
is close to the theoretical molecular weight from the translated protein 
sequence (23.2 kDa). This small molecular weight makes this xylanase one 
of the smallest xylanases from Clostridia. For comparison, C. absonum 
CFR702, C. thermocellum ATCC 27405, C. butyricum BOH3, and C. 
acetobutylicum ATCC 824 produce xylanases with molecular weights of 
150, 74, 36, and 34 kDa, respectively [29, 177, 185, 190]. The only xylanase 
smaller than the one from strain G117 is xylanase B from Clostridium. sp. 




3.3.4 Gene sequence of xylanase  
One xylanase gene was found in the whole genome of strain G117 [12] by 
subjecting each encoding gene to BLAST against the NCBI database. This 
xylanase gene sequence was deposited in the NCBI GenBank database 
(accession number: KM009141). This gene sequence was then translated 
into the corresponding amino acid sequence. To confirm the identity of the 
purified enzyme, PMF was performed. The resulting peptide fragments were 
aligned with the translated amino acid sequence and three exact matches 
were identified. Table 3-2 shows the matching peptide sequences with their 
corresponding scores and E-values. A protein conserved domain search was 
performed using protein-protein BLAST against the NCBI CDD database. 
The BLAST results revealed that the conserved catalytic domain of this 
xylanase belongs to glycoside hydrolase family 11 (GH11). One interesting 
feature of this xylanase is the absence of carbohydrate-binding domain 
(CBD), which is a common feature of clostridial xylanases in the GH11 
family [177].   
The 16S rRNA of G117 shows 99% identity to C. beijerinckii NCIMB 8052 
that has a genome size of 6.0 Mbp, which is 0.2 Mbp greater than that of 
strain G117. In addition, the xylanase gene sequence of strain G117 shows 
high homology (99%) with the xylanase from strain NCIMB 8052 (NCBI 
gene ID: 5294226) [11, 12, 192]. In fact, the two xylanase sequences only 
differ by one amino acid (Table 3-2). Hence, it is expected that these two 
xylanases will have similar behaviors. However, further studies are needed 
to confirm the similarity of these two xylanases because a detailed report of 




regarding the xylanase from C. beijerinckii is rather scarce. In addition to 
the xylanase from NCIMB 8052, Marichamy and Mattiasson [181] 
described another xylanase from C. beijerinckii LU-1, but it is unclear 
whether this strain is solventogenic. Only the production profile of xylanase 
and its physical properties were described in the report but not the protein 
purification or sequence.  
Table 3-2. The translated amino acid sequence from genomic data of the 
xylanase secreted by C. beijerickii G117. The peptide fragments obtained from 
peptide mass fingerprinting are aligned with the translated xylanase amino 
acid sequence. The alignment results, where the matching sequences are 
boxed, reveals three exact matches between the two. The start and end of the 
GH11 family conserved domain are marked by asterisks. The only sequence 
difference between xylanases from strain G117 and C. beijerinckii NCIMB 
8052 is underlined. The serine is replaced by a cysteine residue in the xylanase 
from strain NCIMB 8052.   
 
Matching Sequence    Ions score  E-value 
   
GWNAGSYTR    65  0.016     
GTVTSDGGTYDIYTATR    134  0.005     
NHADAWGSK    61  5.8×10-10     
1   MKKRGLKLFLASLMSCTLALSVVNVNAYAA*ATDYWQNWTDGGGTVNAVNG 
51  SGGNYSVNWSNCGNFVVGKGWNAGSYTRVINYNAGQFAPSGNGYLSLYGW 
101 TRNSLIEYYVVDDWGTYRPTGNYKGTVTSDGGTYDIYTATRTNAPSIDGV  
151 TTFQQFWSVRQSKRSIGTNNTITMKNHADAWGSKGMALGSSWAYQMIATE  




3.3.5 Substrate specificity and reaction kinetics  
The specificity of xylanase was examined by incubating the purified 
xylanase with different substrates. Among the substrates, the purified 




for other substrates including carboxymethylcellulose (CMC), Avicel 
cellulose, cellobiose, and starch. This corroborates the conclusion reached 
by Biely et al. [193], who stated that high substrate specificity is one of the 
key features for the xylanases in the GH11 family. It was also suggested that 
xylanases from this family generally have low molecular weights and lack 
the catalytic domains necessary for hydrolysis of substrates other than xylan. 
This high specificity is also observed in xylanases from C. beijerinckii LU-1 
[181], C. absonum CFR-702 [194], C. butyricum BOH3 [29], C. 
stercorarium F-9 [195], and C. thermocellum F1 [196]. The only exception 
is the xylanase from C. acetobutylicum ATCC 824 [188] that shows cross-
reactivity towards both beechwood xylan and cellulose.  
To determine the reaction kinetics of the xylanase, the activity was assayed 
with different concentrations of beechwood xylan as the substrate. Using a 
Lineweaver-Burk plot, the Km and Vmax values were determined to be 19.1 
mg/mL and 2766 U/mg, respectively. For comparison, the highest Vmax for a 
clostridial xylanase is 5500 U/mg [197]. Moreover, this Km value is higher 
than the Km values from other bacterial xylanases, which typically fall below 
10 mg/mL [16, 84]. The only exception is xyl-II from C. absonum CFR-702, 
which has a Km value of 14 mg/mL [194]. The lack of a CBD, which 
facilitates the binding of insoluble substrates with xylanase, is most likely 
the main reason the Km is high for the xylanase from G117 [198].  
3.3.6 Effects of temperature and pH  
Figure 3-5A shows the relative xylanase activity at different temperatures (the 




observed between 40-50°C, but it quickly dropped to approximately 10% at 
60°C (Figure 3-5A). Moreover, xylanase was unstable and lost almost all 
activity at 50°C after 15 min (Figure 3-6A). However, this result is expected 
because G117 is a mesophilic strain and its xylanase is likely denatured at 
50°C and above. For comparison, the optimal temperature of the xylanase 
from C. beijerinckii LU-1 is 60°C [181]. Figure 3-5B shows the relative 
xylanase activity at different pH values. The optimum pH for xylanase activity 
was 5.0, which is the same as the xylanase from C. beijerinckii LU-1 [181], 
and activity loss was observed at extreme pH (Figure 3-5B). At neutral and 
slightly acidic pH (5.0) values, the xylanase was relatively stable after 24 h. 
However, it lost its activity in basic (pH 9.0) or more acidic (pH 3.0) media 
(Figure 3-6B), which substantiates a previous report concluding that xylanases 
from Clostridia have a narrow optimal pH between 5 and 7 [177].    
  
 
Figure 3-5. Influences of temperature (A) and pH (B) on xylanase activity. 
Activity is expressed as percentage relative activity, where 100% represents 









Figure 3-6. Xylanase enzyme stability when incubated at different 
temperature (A) and pH (B) values. Initial activity is assigned as 100% 
relative activity. 
 
3.3.7 Effects of metal ions and common enzyme inhibitors/promoters 
The effects of various metal ions on the relative activity of xylanase are shown 
in Table 3-3. For comparison, the activity in the absence of any metal ion is 
defined as 100%. Among all metal ions tested, Ag+ inhibited the activity the 
most. The relative activity was reduced to 12% after the addition of 10 mM 
Ag+. Similar behavior was reported for other clostridial xylanases [29, 194] 
and this is attributed to oxidization of the sulfhydryl moiety in xylanase by 
Ag+ [199]. In addition, xylanase was also inhibited by 10 mM Cu2+ and Fe2+, 
reducing the relative activities to 49.1% and 78.1%, respectively. Only 10 mM 
Co2+ and 1 mM Mn2+ showed activation effects, and the relative activities 
increased to 110% and 112%, respectively. The rest of the metal ions slightly 
reduced the activity. This information, in addition to the published data, does 
not elucidate a clear trend for the influence of metal ions on xylanases from 
Clostridia. One study [29] reported activity enhancement by Co2+ and Mn2+, 





Conversely, both Cu2+ and Fe3+ negatively affect the activity of xylanases from 
both C. stercorarium [197] and C. sp. SAIV [191].   
Table 3-3 also shows the effect of common enzyme inhibitors/promoters on 
the relative activity of xylanase from G117. The activities were slightly 
enhanced or inhibited (by less than 20%) in the presence of up to 50 mM 
ethylenediaminetetraacetic acid (EDTA), urea, beta-mercaptoethanol (BME), 
4-aminobenzoic acid (ABA) and Tween 80. However, 50 mM sodium dodecyl 
sulfate (SDS) led to significant (65%) activity loss. Similar inhibition effects 
of SDS on xylanase were also reported previously [29, 194]. Interestingly, in 
the presence of certain thiol compounds, such as 50 mM cysteine and 
dithiothreitol (DTT), the xylanase relative activities increased to 265% and 
184%, respectively. According to Knob and Carmona [200], DTT is able to 
prevent the oxidation of sulfhydryl groups, while cysteine helps to retain the 











Table 3-3. Effects of varying concentrations of metal ions and 
promoters/inhibitors on the relative activity of xylanase. A relative activity of 





1 mM  10 mM  Inhibitor/ 
Promoter 
1 mM  10 mM  50 mM  
Ag+  45.2±5.9  11.6±3.0  ABA  94.4±3.3  97.8±3.9  89.8±4.4  
Ca2+  101±4.7  89.6±4.8  BME  99.6±3.0  119±2.7  109±1.5  
Co2+  99.5±7.1  110±0.14  Cysteine  100±1.4  172±7.4  265±14  
Cu2+  103±6.3  49.1±1.4  DTT  105±4.9  110±8.7  184±35  
Fe2+  95.6±3.1  78.1±7.1  EDTA  96.0±2.9  115±2.6  105±1.4  
Mg2+  96.4±5.7  93.5±3.9  SDS  76.7±4.0  44.9±3.7  35.0±5.8  
Mn2+  112±6.4  101±2.2  Tween-80  94.0±1.9  95.1±1.3  108±1.2  
Ni2+  96.2±7.8  85.4±3.5  Urea  89.3±0.8  105±6.4  88.7±3.7  
Zn2+  97.2±5.9  95.8±8.2      
 
3.3.8 Xylanase hydrolysis products  
Beechwood xylan was incubated with purified xylanase for 48 h and the 
hydrolysis products were then analyzed using HPLC. Based on the 
chromatogram (Figure A-3 in Appendix A), the hydrolysis products 
comprised 2% xylose (X1), 27% xylobiose (X2), 31% xylotriose (X3), and 
21% xylotetraose (X4). The rest of the products were xylo-oligosaccharides 
of 5 residues or more (>X5). No xylose or xylo-oligosaccharides were 
detected in the control experiment (without xylanase). All bacterial 
xylanases produce xylo-oligosaccharides as end-products, especially X2 and 




most xylanases from Clostridia reported in literature, such as C. 
acetobutylicum ATCC 824 [201], C. butyricum BOH3 [29], C. cellulovorans 
[183], and C. sp. SAIV [184], do not produce xylose as a hydrolysis product. 
Biely et al. [193] postulated that this difference can be attributed to the 
family of the specific xylanase, and they empirically proved that GH11 
xylanases show less affinity to xylo-oligosaccharides compared to the 
xylanases from the GH10 family. Hence, they do not show the beta-
xylosidase type of activity.   
3.4 Conclusions  
In this study, a GH11 xylanase from mesophilic C. beijerinckii G117 was 
purified and characterized. The xylanase expression can be enhanced by 
adding low concentrations (<2.5 g/L) of xylose or arabinose in xylan-
supplemented culture media. Xylanase purification from the supernatant can 
be achieved in two stages. Compared to the other clostridial xylanases, this 
xylanase features rapid expression (in 14 h), small size (23 kDa), and high 
specificity towards xylan. Because this xylanase is produced by a clostridial 
strain undergoing ABE fermentation, it has the potential to be applied in the 
production of butanol and butyric acid, especially from hemicellulose-rich 










In Chapter 3, strain G117 was highlighted as a unique clostridial strain due to 
its capability to natively produce xylanase. Therefore, it is possible for strain 
G117 to produce butanol and butyric acid from xylan, a renewable feedstock. 
However, both reactants required for esterification are still present in the 
culture media. Instead of recovering butanol and butyric acid (Section 2.5), 
esterification can be conducted in situ in the culture media to produce butyl 
butyrate, which can be recovered more easily due to its low water solubility 
(0.56 g/L at 30°C [13]).  
However, esterification is inefficient in aqueous solutions due to 
thermodynamic constraints (Section 2.6.1). For instance, Katikaneni and 
Cheryan [147] reported a butyl acetate yield less than 20% when esterification 
was conducted in water. A common strategy to increase the esterification yield 
in aqueous solutions is to supplement an organic solvent to form a biphasic 
system. This is because esterification is much more efficient in organic media 
[19]. For instance, by supplementing toluene, Yagyu et al. [14] managed to 
improve the yield of ethyl acetate in water from 37% to 65%.  
Although esterification can be conducted after the fermentation, it is 
potentially beneficial if both processes can be carried out simultaneously. The 
objective is to remove butanol in situ during fermentation and thus alleviate its 




fermentation and esterification (SFE) which was first put forward by van den 
Berg et al. [22]. Nevertheless, there are two main hurdles to be addressed 
before SFE can be successfully undertaken, viz. solvent toxicity and 
conflicting pH requirements of each process as detailed in Section 2.6.1. 
In this chapter, the feasibility of producing butyl butyrate through 
esterification in a biphasic system was examined. Strain G117 was chosen as a 
model strain because it produces butanol and butyric acid but only low level of 
acetic acid and no ethanol. This feature ensures that highly pure butyl butyrate 
can be obtained. In this study, a suitable solvent was first screened to form the 
biphasic system. The role of the pH and the catalyst position on the ester 
production were then investigated. This chapter is concluded by assessing the 
feasibility of biphasic system to implement SFE.  
4.2 Materials and methods 
4.2.1 Materials and reagents 
Hexane, chloroform, acetone, acetonitrile, and dichloromethane were provided 
by Tedia (U.S.A.). Heptane and toluene were obtained from Merck (Germany) 
while tetrahydrofuran was purchased from Fisher Scientific (U.S.A.). 
Hexadecane and isooctane were provided by Acros (U.S.A.) and QRec (New 
Zealand), respectively. The purity of all organic solvents were at least 95%. 
Reinforced clostridial medium (Oxoid, U.K.) was used as the culture medium 
for fermentation. Unless stated otherwise, all other chemicals were obtained 




4.2.2 Solvent screening for biphasic system 
In total, 16 organic solvents (hexane, heptane, isooctane, nonane, hexadecane, 
toluene, chlorobenzene, chloroform, benzene, diethyl ether, acetone, 
acetonitrile, tetrahydrofuran, dichloromethane, 1,2-dichloroethane, and 
dibromomethane) were used as a medium for esterification. Firstly, 7.4 g/L of 
butanol and 8.8 g/L of butyric acid (equivalent to 100 mM each) were 
dissolved in 5 mL of each organic solvent. The esterification reaction was 
conducted at 50°C in the presence of 0.2 g of Nafion NR50 as a catalyst. After 
24 h, the reaction mixture was filtered and injected into a gas chromatography 
system (Agilent, U.S.A) with a flame ionization detector (GC-FID). The GC 
was equipped with a DB-WAXETR capillary column (length: 30 m, diameter: 
0.32 mm). Purified helium was used as a carrier gas.  
4.2.3 Esterification in model biphasic system 
A 10-ml reaction mixture comprised equal volumes of an aqueous solution 
(with 7.4 g/L of butanol and 8.8 g/L butyric acid, equivalent to 100 mM each) 
and a desired organic solvent. The aqueous solution was acidified to pH 2 
using hydrochloric acid before the reaction. Approximately 0.8 g of Nafion 
NR50 was added as a catalyst and the reaction was conducted at 65°C under 
agitation (250 rpm). At the end of the reaction, butyl butyrate in the organic 
phase were quantified by using GC-FID.  
4.2.4 Effect of catalyst position 
To investigate the effect of catalyst positon, 10 mL of hexane was added into 




butyric acid) in a 50-mL test tube. Nafion NR50 catalyst pellets were fixed 
either in the organic (top), aqueous (bottom) phase or at the interface using a 
custom-made wire mesh. The reaction was conducted at 65°C without 
agitation. After 48 h, butyl butyrate production was measured by analyzing the 
organic phase using GC-FID. 
4.2.5 Effect of salt addition  
Ammonium sulfate solutions (0-300 g/L) were first prepared. Next, butanol 
and butyric acid were added to the solutions. The final concentrations of 
butanol and butyric acid were 7.4 g/L and 8.8 g/L, respectively. After 
adjusting the pH to 2, 5 mL of the solution was mixed with 5 mL of hexane 
and 0.8 g of Nafion NR50. Esterification was conducted at 65°C under 
agitation (250 rpm).  
4.2.6 Fermentation conditions 
Fermentation was conducted to produce butanol and butyric acid by using 
strain G117. Reinforced clostridial medium (RCM) was prepared as suggested 
by the manufacturer with supplementation of 30 g/L of glucose. The medium 
(20 mL) was dispensed into serum bottles, purged with nitrogen and sealed 
with rubber septa prior to autoclaving at 121°C for 20 min. After inoculation 
(10% v/v) of G117 into the medium, the bottle was incubated at 35°C under 
shaking (150 rpm). Liquid samples were drawn periodically to determine the 
optical cell densities (OD600) by using an UV-Vis spectrophotometer (Tecan 
Infinite 200 Pro, Switzerland). To determine the alcohol and acid 
concentrations, the liquid samples were centrifuged, and the supernatant was 




extracted and centrifuged (10,000×g for 10 min) to obtain cell-free 
supernatants.  
4.2.7 Simultaneous fermentation and esterification in biphasic systems 
To evaluate the toxicity of each solvent for application in SFE, 5 mL of 
solvent was purged with nitrogen and then sterilized by filtration through a 
0.2-µm membrane (Sartorius, Germany). The solvent was then added 
aseptically into the culture medium at the beginning of fermentation. All 
subsequent fermentation steps were the same as previously described.  
To conduct SFE, enzyme (lipase) was used as the catalyst. A serum bottle 
containing 0.2 g of immobilized lipase from Candida antarctica (Novozym 
435) was first purged with nitrogen and sealed with rubber septum. RCM 
medium (with 30 g/L of glucose) and organic solvent were purged with 
nitrogen and sterilized through autoclaving and membrane filtration, 
respectively. Under aseptic conditions, 9 mL of the culture medium and 10 mL 
of the organic solvent were transferred to the serum bottle containing the 
immobilized lipase. After inoculation with 1 mL of G117, fermentation was 
conducted at 35°C under shaking (150 rpm). Aqueous samples were drawn 
periodically for analysis. Optical cell densities and fermentation products 
concentrations were determined as previously described. At the end of the 4-
day fermentation, all liquids were extracted from the bottle and filtered to 
remove the lipase. To determine the amount of ester formed, the organic phase 





4.3 Results and discussion 
4.3.1 Screening of organic solvents for esterification 
To choose an organic solvent which favors esterification, 7.4 g/L of butanol 
and 8.8 g/L of butyric acid (equivalent to 100 mM each) were dissolved in 5 
mL of solvents. The catalyst for esterification was Nafion NR50. Table 4-1 
presents the concentrations of butyl butyrate detected after 24 h of reaction 
using various solvents. It is clear that among all the organic solvents tested, 
aliphatic alkanes gave the highest butyl butyrate concentrations followed by 
aromatics. Low concentrations of butyl butyrate were recorded when highly 
polar solvents were used. In contrast, esterification conducted in water resulted 
in a negligible ester production.  
Table 4-1. Solvent effects on the yields of butyl butyrate during esterification. 
  







Water 0.09 - 1.000 
Hexane 13.66 9.80×10-3 0.009 
Heptane 13.52 2.42×10-3 0.012 
Isooctane 13.52 2.20×10-3 0.010 
Nonane 13.34 0.17×10-3 0.014 
Hexadecane 12.39 0.004×10-3 0.016 
Toluene 12.63 0.52 0.099 
Chlorobenzene 10.99 0.50 0.188 




Benzene 9.14 1.83 0.111 
Diethyl ether 3.32 63.0 0.117 
Acetone 2.26 M 0.355 
Acetonitrile 1.02 M 0.460 
Tetrahydrofuran 3.25 300 0.207 
Dichloromethane 1.93 15.8 0.309 
1,2-Dichloroethane 4.60 8.62 0.327 
Dibromomethane 6.43 13.0 0.290 
*At room conditions. ‘M’ denotes full miscibility in all proportions [202]. 
^Relative solvent polarity compared to water [203]. 
 
A trend can be discerned from Table 4-1 between the butyl butyrate 
concentrations and the solvent polarities. When the butyl butyrate 
concentration is plotted as a function of solvent relative polarity (Figure 4-1), 
the former is almost inversely proportional to the latter. Such a trend can be 
attributed to the interaction between the solvent and reactants molecules. Since 
both butyric acid and butanol are polar, interactions are stronger if the solvent 
molecules are also polar. A stronger interaction decreases the availability of 
reactants for esterification. This reduces the activity coefficients of the 
reactants, leading to lower butyl butyrate production [204]. Such solvent 
effects on the activity coefficients have been demonstrated through simulation 
[204, 205]. This explains the very low butyl butyrate production obtained 
using acetone, acetonitrile, diethyl ether, and tetrahydrofuran because the 
solvent molecules are able to form strong hydrogen bonding with the reactants 
molecules. These solvents also have very high solubilities in water (Table 4-




higher than 11.5 g/L (80 mM, or equivalent to 80% butanol conversion) were 
used.  
 
Figure 4-1. Plot of butyl butyrate concentration against the relative polarity of 
the solvent used to form biphasic system. The plot shows that a high 
esterification yield can be obtained from non-polar solvents and vice versa.  
 
4.3.2 Production of butyl butyrate in biphasic system 
To produce butyl butyrate, esterification was conducted as described in 
Section 4.2.3. Figure 4-2 presents the reaction profiles by using various 
solvents constituting the biphasic system. At the end of reaction, the butyl 
butyrate concentrations reached 5.78 g/L (40.1 mM) and 5.70 g/L (39.5 mM) 
in hexane and isooctane, respectively. Other solvents led to lower butyl 
butyrate concentrations compared to the two, but still lied between 4.84 and 
5.24 g/L (33.6 and 36.3 mM). Figure 4-2 also shows that the reaction 

































Figure 4-2. Esterification reaction profiles in a biphasic system by using 
various organic solvents.  
 
It is noted that the equilibrium yields in biphasic system were much lower than 
those obtained in neat organic media (Table 4-1). This is due to the presence 
of excess water in the biphasic system [20, 154]. Based on Figure 4-2, both 
hexane and isooctane are suitable for esterification due to the high butyl 
butyrate concentrations observed in both solvents. However, hexane was 
chosen as the solvent for subsequent esterification due to its low cost and high 
volatility [111].  
4.3.3 Effect of catalyst position in biphasic esterification 
In a biphasic system, esterification can happen either in the aqueous phase or 
organic phase. To understand the reaction mechanism, the solid catalyst 
Nafion NR50 pellets were fixed either in the aqueous phase, organic phase or 
at the interface. The reaction was conducted in a model system with hexane as 









































butyrate concentration obtained when the catalysts were positioned in the 
organic phase (5.55±0.051 g/L, or 38.5 mM) were almost the same as in the 
case when the catalysts were at the interface (5.77±0.043 g/L, or 40.0 mM). 
These values were also similar to the final butyl butyrate concentrations 
achieved when the catalyst pellets were in contact with both phases through 
mixing (Figure 4-2). On the contrary, butyl butyrate concentration was lower 
(2.41±0.071 g/L, or 16.7 mM) when the catalyst pellets were fixed in the 
aqueous phase.  
The above results suggest that the esterification mainly occurred in the organic 
phase after the migration of both reactants into the organic phase (Figure 4-3). 
This also explains the slightly higher yield when the catalyst pellets were fixed 
at the aqueous-organic interface. This implies that the reaction is limited by 
the migration of butanol and butyric acid from the aqueous to the organic 
phase because alkanes are relatively poor extractants for both reactants [206]. 
On the other hand, if the reaction was confined in the aqueous phase, very 
little butyl butyrate was produced because esterification is less efficient in 
water [207]. Similar mechanism was proposed by Praserthdam and Jongsomjit 
[149] who studied esterification in a biphasic system using Amberlyst 15 as 
the heterogeneous catalyst although the theory was not empirically verified in 






Figure 4-3. The proposed esterification mechanism in biphasic system. Both 
butanol and butyric acid distribute themselves between the hexane and 
aqueous phase. The distribution of butanol and butyric acid in an equal-
volume system are shown as percentages. However, most of the reaction 
occurs in the hexane phase where the reactants are converted into butyl 
butyrate. In addition, butyric acid molecules dissociated into butyrate ions in 
the aqueous phase. A low pH condition is hence desired to promote the 
migration of the acid molecules into the hexane phase.    
 
4.3.4 Distribution of butanol and butyric acid in biphasic system 
To investigate the distribution of butanol and butyric acid in a biphasic 
system, equal volumes of hexane and a solution containing 7.4 g/L of butanol 
and 8.8 g/L butyric acid (100 mM each) were mixed after adjusting the 
solution pH to 2. The content of the hexane phase was analyzed after 1 h of 
incubation at 65°C under agitation. GC analysis of the hexane phase revealed 
that (on molar basis) around 31.0±0.27% of butanol and 42.1±0.31% of 
butyric acid migrated into the organic phase (Figure 4-3).  
Since it was proven that esterification mainly occurs in the organic phase, the 
distribution of both reactants in the biphasic system becomes an important 
factor. An uneven distribution of the two reactants, as described above, may 
complicate the reaction. To understand its impact, esterification was 
conducted as previously described using 7.4 g/L (100 mM) of butanol but the 




mM). The pH values of all solutions were adjusted to 2 when necessary. 
Figure 4-4 shows the butyl butyrate concentrations produced by using various 
concentrations of butyric acid after 2 and 5 h of reaction. The butyl butyrate 
concentration increased almost linearly with the acid concentration. After 5 h 
of reaction, 4.20 g/L (29.1 mM) of butyl butyrate was produced in the 
presence of 7.05 g/L (75 mM) of butyric acid. However, when the acid 
concentration was increased further to 8.81 g/L (100 mM, equimolar to the 
butanol), the butyl butyrate concentration only increased marginally to 4.33 
g/L (30.0 mM). This shows that the reaction was limited by the lower butanol 
concentrations in the organic phase when the acid concentrations were 7.05 
g/L (80 mM) and above. For comparison, when the same experiment was 
repeated in monophasic hexane medium, a linear trend was observed up to 
8.81 g/L (100 mM) of acid (data not shown). This suggests that the trend 
presented in Figure 4-4 is attributed to the uneven distribution of reactants in 
biphasic system. This study also shows that the optimal butanol-to-butyric 






Figure 4-4. Butyl butyrate concentrations in the hexane phase after 2 (●) and 
5 h (■) of reaction by using various concentrations of butyric acid. The initial 
butanol concentrations were 7.4 g/L (100 mM) for all runs. 
 
4.3.5 Effect of salt addition in biphasic esterification 
One way to overcome the limiting factor in biphasic esterification is to 
supplement salt to promote the migration of reactants into the organic phase. 
To study the impact of salt on the production of butyl butyrate, ammonium 
sulfate was added into the reactant solutions. The reaction was then conducted 
in the biphasic system as previously described. The concentrations of butyl 
butyrate produced after 12 h of reaction under various salt loadings are 
presented in Figure 4-5. The addition of salt clearly increased the 
concentration of the butyl butyrate produced. Compared to the case without 
any salt addition, the presence of 200 g/L of ammonium sulfate increased the 
butyl butyrate concentration by 53% to 8.95 g/L (62.1 mM, equivalent to 62% 
butanol conversion). However, the increments were less pronounced when the 


































were less than 3 and 10% when the salt concentrations were increased from 
200 to 250 and to 300 g/L, respectively. As such, 200 g/L of ammonium 




Figure 4-5. Effect of increasing concentration of ammonium sulfate on the 
butyl butyrate concentration in hexane phase. The butyl butyrate concentration 
increases with the salt concentration, but the increments are less pronounced 
when the salt concentrations are above 200 g/L. 
 
The above results show that a highly soluble inorganic salt can be used to 
promote the migration of butanol and butyric acid into hexane [208, 209] and 
enhance the production of butyl butyrate. Ammonium sulfate was chosen in 
this study due to its high solubility in water [14]. The salt effect has been 
widely exploited to increase the distribution of strongly polar hydrophilic 
solutes into organic solvents [210] and improve reaction yields in biphasic 
systems. For instance, Yagyu et al. [14] added calcium chloride to enhance the 



































comprising toluene and wastewaters. Vivekanand et al. [211] almost doubled 
the yield of 2-(4-methoxyphenyl) acetate to 80% with the addition of 
potassium carbonate in a chlorobenzene-water biphasic system. For non-
esterification applications, Roman-Leshkov et al. [212] supplemented sodium 
chloride to increase the yield of 2,5-dimethylfuran from 50% to 78% in a 
hexanol-water biphasic system.  
In the current study, the presence of ammonium sulfate promoted the 
migration of butanol and butyric acid into the organic phase where they were 
consumed to form ester. It was also noted that when the experiment was 
repeated under the same salt concentration but in the absence of catalyst, only 
44±3.4% butanol migrated into the hexane phase. Since it was previously 
found that most of the ester was produced after the migration of reactants into 
the organic phase, this shows that the salt effect and esterification were 
working synergistically. As a result, more reactants migrated into the organic 
phase compared to the one achieved through the salt effect only. It should be 
noted that although the concentrations of reactants increased as a result of salt 
addition, the ratio between butanol and butyric acid in the hexane phase stayed 
roughly the same.  
4.3.6 Effect of pH in biphasic esterification 
To investigate the impact of pH on the yield of esterification, the pH of the 
aqueous phase was adjusted from 1 to 7 by using either hydrochloric acid or 
sodium hydroxide prior to esterification. The relative esterification yields at 
various pH values are shown in Figure 4-6. It is clear that significant 




These observations can be explained through the protonation states of the 
butyric acid molecules. On one hand, only protonated butyric acid molecules 
are able to migrate into hexane phase (Figure 4-3) [213-216]. Therefore, a low 
pH environment promotes the migration of acid molecules into the hexane 
phase where the reaction is taking place. On the other hand, as elaborated in 
Section 2.6.1, esterification can only proceed when the butyric acid molecules 
are protonated as dictated by the reaction mechanism [168]. Both factors 
contribute to the increase in yield with decreasing pH values and explain the 
necessity to acidify the culture medium before esterification. To promote the 
protonation of acid molecules, it is desirable to maintain a pH lower than the 
pKa of the acid, which is 4.8 in the case of butyric acid. However, identical 
yields were recorded at both pH 1 and 2 (Figure 4-6) because almost all 
butyric acid molecules are protonated at pH below 2.7 [214]. The pH-
dependency of esterification yield in biphasic system was also reported 







Figure 4-6. The pH-dependency of esterification yield in biphasic system. The 
highest butyl butyrate concentration recorded is dictated as 100% relative 
yield.  
 
4.3.7 Production of butyl butyrate in spent culture media by using biphasic 
system 
To convert the butanol and butyric acid from fermentation into butyl butyrate, 
esterification was conducted in a biphasic system comprising 5 mL of hexane 
and 5 mL of cell-free spent culture medium which was acidified to pH 2. At 
the beginning, the spent medium contained 7.0 g/L (94 mM) of butanol, 4.8 
g/L (55 mM) of butyric acid, and 0.91 g/L (15 mM) of acetic acid. To increase 
butyl butyrate production, butyric acid was added prior to esterification so that 
the molar ratio between both reactants were in the previously determined 
optimum. At the end of reaction, 5.04 g/L of butyl butyrate (34.9 mM) was 
produced. The slightly lower production compared to the model system was 
probably due to the formation of other esters other than butyl butyrate. Figure 























Apart from butyl butyrate and unutilized reactants, butyl acetate was also 
detected. This is due to the presence of acetic acid in the spent medium. 
However, the concentration of butyl acetate was relatively low (around 0.34 
g/L or 2.4 mM) compared to butyl butyrate due to the much lower 
concentration of acetic acid in the culture medium. The low butyl acetate 
production is also contributed by the weaker affinity of acetic acid towards 
hexane due to its relatively more polar nature [216]. A separate partitioning 
test revealed that the amount of acetic acid migrated into the hexane phase was 
only 47% of that of butyric acid under non-reactive conditions. It should be 
noted that no ethyl acetate or ethyl butyrate was formed due to the absence of 
ethanol in the culture medium, which is a unique trait of strain G117.  
 
 
Figure 4-7. Gas chromatogram of the hexane phase at the end of butyl 
butyrate production in spent culture medium from strain G117. Apart from 
butyl butyrate, a small amount of butyl acetate was also produced due to the 
presence of acetic acid in the spent medium. The gas chromatogram also 
shows the presence of unutilized butanol and butyric acid in the hexane phase.  
 
The aforementioned strategy of salt addition could also be applied to improve 
butyl butyrate production in spent medium. Using the optimized salt 
concentration, the butyl butyrate concentration was increased to 7.71±0.14 g/L 

















(53.5 mM). In total, approximately 59% of butanol in the spent medium was 
converted into either butyl butyrate or butyl acetate. 
 
4.3.8 Simultaneous fermentation and esterification by using biphasic system 
To screen solvents for its biocompatibility towards strain G117, 5 mL of 
oxygen-free solvent was added into the culture of G117 at the beginning of 
fermentation. The growth of G117 was monitored in terms of optical cell 
density (OD600) and butanol production. After three-day incubation, growth 
was only recorded for G117 culture supplemented with hexadecane. The 
OD600 was 3.5±0.023 and 7.9±0.17 g/L (106.6 mM) of butanol was produced 
(after accounting for butanol migrated into the organic phase). In contrast, all 
other solvents inhibited the growth of G117 which resulted in very low OD600 
and butanol production (Table 4-2). As a control experiment, 6.7±0.19 g/L 
(90.4 mM) butanol was recorded at the end of fermentation in the absence of 
organic solvent and the cell density was 3.6±0.025. These values were 
comparable to the case when hexadecane was present which suggests that 
hexadecane did not have any adverse effect on the cell growth. Hexadecane 
was then utilized in SFE experiments after confirming on its non-toxicity. The 
catalyst in SFE was switched to lipase so that esterification could proceed 
under fermentation conditions. At the end of SFE (120 h), 0.45 g/L (3.1 mM) 
of butyl butyrate was present in the hexadecane phase. This is comparable to 
the 0.51 g/L (3.5 mM) of butyl butyrate produced in a SFE system using C. 




From Table 4-2, the toxicity of the solvent towards strain G117 correlates well 
with the logarithm of the octanol-water partition coefficient (log Pow) of each 
solvent. The empirical parameter is widely used as an estimation of solvent 
toxicity [217] and a solvent having a high log Pow value (>7) is generally 
considered non-toxic [218]. The is because the value of log Pow is directly 
related to the solubility of the solvent in water. A low log Pow value indicates a 
high solvent solubility in water. In the case of biphasic system, this increases 
the exposure of the bacterial cells towards the solvent which in turn explains 
the perceived toxicity [219].  
Due to its non-toxicity, hexadecane is the sole solvent candidate for SFE. 
However, compared to other lighter alkanes which are toxic, hexadecane 
suffers from several disadvantages due to its high cost and viscosity. It also 
consumes more energy to separate the esters from hexadecane due to its high 
boiling point [111]. Therefore, it is attractive to develop certain engineering 
measures to isolate the bacterial cells from the solvent so that toxic solvents 
can be used in SFE.  
Table 4-2. The log Pow values of selected organic solvents and their toxicity 
towards G117. Only non-toxic solvents can be used in SFE to produce butyl 
butyrate. 
 
Solvent  log Pow* Toxicity Butyl butyrate concentration (g/L) 
Hexane 3.9 Toxic - 
Heptane 4.5 Toxic - 
Isooctane 4.8 Toxic - 
Nonane 5.5 Toxic - 




Toluene 2.8 Toxic - 
Benzene 2.1 Toxic - 
*Values obtained from Inoue and Horikoshi [217] and Sangster [220]. 
4.4 Conclusions 
Esterification in biphasic system is a viable technique to produce butyl 
butyrate in situ in culture media from ABE fermentation. With the addition of 
ammonium sulfate and hexane, 59% of the butanol and butyric acid in the 
spent fermentation medium were converted into esters. Nonetheless, 
acidification is required prior to esterification because esterification can only 
proceed at low pH values. Most of the butyl butyrate is formed in the organic 
phase after the migration of reactants from the aqueous phase. In a biphasic 
esterification system, hexane was found to be the most suitable solvent 
because it leads to the highest butyl butyrate formation. In addition, recovering 
butyl butyrate from hexane is also less energy-intensive due to its high 
volatility. However, it cannot be used if esterification is conducted 





CHAPTER 5 PRODUCTION OF BUTYL BUTYRATE BY USING 
BIPHASIC ALGINATE BEADS  
 
5.1 Introduction 
As described in Section 2.6.1, it is inefficient to conduct esterification in 
aqueous solutions due to the presence of excess water. As a result, an organic 
phase is required to increase the esterification yield in aqueous solutions. The 
addition of an organic solvent leads to the formation of a biphasic system and 
it is demonstrated in the previous chapters the feasibility of using biphasic 
system in producing butyl butyrate in spent culture media. However, when 
simultaneous fermentation and esterification (SFE) is implemented in biphasic 
system, one major constraint is that the bacterial cells are in direct contact with 
the solvent. As shown in Section 4.3.8, SFE can only proceed in biphasic 
system if the solvent is benign towards the bacteria. Unfortunately, solvents 
commonly used in esterification, such as aliphatic alkanes (hexane, isooctane) 
and aromatics (benzene, toluene), are toxic towards bacteria [27]. This is the 
reason that only the non-toxic hexadecane can be used in SFE (Section 4.3.8). 
However, hexadecane is not an ideal solvent due to its high cost. In addition, 
its high boiling point means that more energy is required to recover the esters 
[27] and it is also proven to be a relatively less effective esterification medium 
compared to other lighter alkanes (Figure 4-2). Another restriction of the 
biphasic SFE system is the limited interfacial area which potentially slows 
down the reaction [166]. One way to increase the interfacial area is through 




impractical because vegetative cells of Clostridia are unable to survive the 
harsh emulsification process [167]. 
In this chapter, a new biphasic system with an organic phase and lipase 
entrapped in a solid matrix is investigated. Unlike the conventional biphasic 
system, the organic solvent will not be in direct contact with the growing 
cultures. In addition, the interfacial area can be increased by dispersing the 
solvent within the matrix without affecting the bacterial growth. Herein, 
calcium alginate was chosen as the solid matrix because it is non-toxic, 
inexpensive, widely available, and can be easily shaped into bead form 
without complex instruments. Furthermore, the gelation of alginate requires 
only mild conditions and hence alginate is suitable for enzyme immobilization 
[23, 25, 26]. However, unlike conventional alginate beads, this new type of 
biphasic beads contain uniformly dispersed organic solvent droplets within the 
alginate matrix. To fabricate biphasic beads, the organic phase is first 
dispersed into an oil-in-water emulsion and subsequently, along with lipase, 
dissolved in sodium alginate solution. The fabrication processes that follow 
are identical to those of conventional alginate beads [25]. Synthesis of butyl 
butyrate is possible using biphasic beads because the hydrophilic nature of 
alginate beads allows the diffusion of the reactants (butyric acid and butanol) 
into the organic phase inside the beads.  
In this chapter the effectiveness of using biphasic beads for butyl butyrate 
production was first evaluated in a model system. The biphasic beads were 
then optimized by varying the bead constituents (surfactant, solvent and lipase 
concentration) and esteriﬁcation conditions (butanol concentration and pH), 




beads acting as a physical barrier between the solvent and bacterial cells in 
SFE was investigated by using a toxic solvent. Lipase from Candida rugosa 
was used throughout this study as a biocatalyst for esterification for its proven 
stability and catalytic performance [221].   
5.2 Materials and methods 
5.2.1 Materials and reagents 
C. rugosa type VII lipase (1179 U/mg) from Sigma-Aldrich (U.S.A.) was used 
throughout this study without further purification. Hexane (95%) and 
hexadecane (99%) were provided by Tedia (U.S.A) and Acros (U.S.A), 
respectively. Isooctane (99%) was purchased from QRec (New Zealand). 
Ethylenediaminetetraacetic acid (EDTA) and sodium dodecyl sulfate (SDS) 
were provided by Bio-Rad (U.S.A.). Reinforced clostridial medium (Oxoid, 
U.K.) was used as the culture medium for fermentation. All other chemicals 
were obtained from Sigma-Aldrich (U.S.A.) unless stated otherwise.  
5.2.2 Fabrication of calcium alginate beads  
To prepare monophasic alginate beads (without hexadecane), an aqueous 
solution containing 2 wt% of sodium alginate and 5 mg/mL of lipase was 
stirred for 30 min. The mixed solution was filled into a syringe, and dripped 
from a needle (21G) into a calcium chloride solution (5 wt%) for gelling. The 
beads were kept under agitation for 1 h to prevent agglomeration. Then, the 
beads were stored at 4°C for setting. Before use, the beads were washed with 




To prepare biphasic beads, 2 mL of hexadecane (equivalent to 10% v/v of the 
final alginate mixture) and 16 mL of 1% v/v Triton X-100 solution were 
mixed. Subsequently, the solution was homogenized with an ultrasonic 
processor (Vibra-Cell, Sonics, U.S.A.) until an emulsified solution was 
obtained. Sodium alginate and lipase were added into the emulsified solution 
to a final concentration of 2 wt% and 5 mg/mL, respectively. The same 
syringe-dripping method (described above) was used to prepare biphasic beads 
(Figure 5-1).  
 
Figure 5-1. Fabrication of biphasic beads by using an emulsified solution and 
sodium alginate. Mixture of hexadecane-water emulsion, lipase and sodium 
alginate was extruded through a syringe into a calcium chloride solution to 
form gel beads.  
 
Scanning electron microscopy (SEM) was used to observe both the surface 
morphology and cross-sectional structure of the beads. First, the beads were 
sliced into half and dried in a freeze-drier (Christ, Germany) for 4 h. 
Subsequently, they were coated with a layer of platinum using a metal coating 
machine (JFC-1300, JEOL, Japan) for 1 min with a current of 20 mA. The 




5600LV, JEOL, Japan) with a silicon drift detector (INCA-x-act, Oxford 
Instruments, U.K.). 
5.2.3 Standard esterification conditions for production of butyl butyrate  
A standard reaction was carried out in 5 mL of aqueous solution containing 
100 mM of butanol (7.4 g/L) and 100 mM of butyric acid (8.8 g/L) with 1 g of 
biphasic beads (~10,000 U lipase) at 35°C under agitation (150 rpm). The 
initial pH of the solution was adjusted to 3 if necessary. In kinetic studies, the 
scale of the reaction volume was tripled due to frequent sampling. At the end 
of the reaction, the yield of butyl butyrate was determined as follows: 
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                       (5-1) 
 
where C1 and C2 are the amount of butyl butyrate (mol) recovered from the 
aqueous solution and biphasic beads, respectively. Ci is the theoretical amount 
of butyl butyrate produced (mol) if butanol is fully converted to butyl butyrate.  
For reaction in an emulsion system, 1 mL of hexadecane was added into an 
aqueous solution containing butanol and butyric acid (both in 100 mM) and 
0.15% v/v of Triton X-100. An emulsion was created by using an ultrasonic 





5.2.4 Quantification of butyl butyrate  
To detect butyl butyrate in an aqueous solution, 2 mL of hexane was added to 
the solution to extract butyl butyrate, and the hexane was analyzed by using 
gas chromatography with a flame ionization detector (GC-FID). The GC-FID 
was equipped with a DB-WAXETR capillary column (length: 30 m, diameter: 
0.32 mm), manufactured by Agilent (U.S.A.). Helium was used as a carrier 
gas.  
To detect butyl butyrate trapped inside the alginate beads, the beads were first 
washed with deionized water and dissolved in 0.3 M EDTA solution [222]. 
After degrading the beads completely, butyl butyrate was extracted with 
hexane and quantified by using GC-FID (see Appendix B.1). To detect butyl 
butyrate formed in an emulsified solution, the emulsion was disrupted by 
using centrifugation (14,000×g). The top hexadecane layer was diluted and 
analyzed using GC-FID. All experiments were carried out in triplicates and the 
mean values were reported.  
5.2.5 Leaching of lipase into reaction mixture 
To determine the amount of lipase leached from the beads, lipase in the 
reaction mixture was measured using Bradford reagent. 50 µl of the reaction 
mixture was incubated with 150 µl Bradford reagent for 10 min at room 
temperature. The absorbance of the mixture was measured at 595 nm with an 
UV-Vis spectrophotometer (Tecan Infinite 200 Pro, Switzerland). Bovine 




5.2.6 Optimization of biphasic beads 
To improve the performance of biphasic beads, optimization was conducted 
by varying one parameter at a time. To optimize the bead fabrication protocol, 
the concentration of hexadecane was varied between 10 and 50%. Next, the 
lipase concentration in the beads was increased from 2.5 to 15 mg/mL by 
using the optimum hexadecane concentration determined earlier. Esterification 
reactions were then carried out in triplicates and the amounts of butyl butyrate 
produced were compared. A biphasic bead formulation (30% hexadecane and 
5 mg/mL lipase) which gave the largest amount of butyl butyrate was used to 
further optimize the reaction pH (between 2 and 9) and initial butanol 
concentration (between 10 and 500 mM, or 0.74 and 37.1 g/L). Initial butyric 
acid concentrations were maintained at 100 mM (8.8 g/L) in all optimization 
experiments. 
5.2.7 Simultaneous fermentation and esterification by using biphasic beads 
Optimized biphasic beads containing 5.0 mg/mL of lipase and 30% of 
hexadecane were used in SFE experiments. Strain G117 was used to conduct 
fermentation in SFE. Reinforced clostridial medium was prepared as 
suggested by the manufacturer with supplementation of 10 g/L of calcium 
carbonate (Merck, Germany) and 30 g/L of glucose. After sterilization, 20 mL 
of the medium was transferred aseptically to a nitrogen-purged serum bottle 
containing 15 g of biphasic beads. After inoculation (10% v/v) of strain G117 
into the medium, the bottle was incubated at 35°C under shaking (120 rpm). 
Liquid samples were drawn periodically to determine the optical cell density 




butyric acid concentrations, the liquid samples were centrifuged at 10,000×g 
for 10 min, and the supernatant was injected into a GC-FID system. The beads 
were degraded at the end of SFE to recover the butyl butyrate produced. The 
experiment was repeated with biphasic beads containing 30% of isooctane.  
5.3 Results and discussion 
5.3.1 Screening of surfactants 
To fabricate biphasic beads, a surfactant was required to stabilize the 
emulsified solution before it was solidified into beads. Three common 
surfactants (Tween 20, Triton X-100 and SDS) were screened for its ability to 
stabilize a hexadecane-in-water emulsion. Although all three surfactants were 
able to sustain a stable emulsion (Table B-1 in Appendix B.2), SDS and 
Tween were ruled out because they are inhibitors and substrates for lipases, 
respectively [223, 224]. Therefore, Triton X-100 was selected as the surfactant 
since it does not inhibit lipase activity. Next, a stable emulsion, containing 1.5 
mL of hexadecane, 500 U of lipase, and 1% v/v of Triton X-100 was prepared. 
To demonstrate that esterification can be performed in the emulsified solution, 
100 mM of butanol and butyric acid were added to the emulsion. After 6 h of 
reaction, butyl butyrate was detected in the emulsified solution with a yield of 
22.6±1.4%. For comparison, esterification carried out in a traditional biphasic 
system (without emulsion) only gave a yield of 8.8±0.12%. This result proves 





5.3.2 Fabrication of biphasic alginate beads 
Even if an emulsified solution described above is ideal for esterification, both 
surfactant and organic solvent are highly toxic to bacterial cells. To avoid the 
direct contact of surfactant and organic solvent with bacteria during SFE, the 
emulsified solution must be encapsulated properly in a solid matrix. For this 
purpose, biphasic alginate beads were fabricated as outlined in Section 5.2.2. 
It was noted that the resulting biphasic beads with organic solvent were very 
different from monophasic beads (without organic solvent). Firstly, the 
biphasic beads appeared opaque due to the presence of a dispersed organic 
phase in the beads. Secondly, the biphasic beads were buoyant in water 
(Figure 5-2A). This is because hexadecane has a lower density than water. 
From measurements of 30 biphasic beads, the average bead diameter was 
determined to be 1.92±0.2 mm (Figure 5-2C). Based on 11 wt% of 
hexadecane in the biphasic beads, the effective bead density was estimated to 






Figure 5-2. Physical properties of biphasic alginate beads. (A) Biphasic beads 
are opaque and buoyant in water. (B) Schematic cross-sectional view of a 
biphasic bead. The hexadecane is dispersed uniformly in the solid matrix and 
stabilized by the surfactant. Lipase is located at the oil-water interface. (C) 
The size of biphasic alginate bead. The scale bar is 1 mm. 
 
To understand the impact of organic solvent on the bead structure, SEM 
images of the surface and cross section of biphasic (with hexadecane) and 
monophasic (without hexadecane) beads are shown in Figure 5-3. It was noted 
that the biphasic bead had a rough surface with many holes on it. The bead 
also had a spongy internal structure which suggests that the organic solvent is 
dispersed uniformly inside the bead. In contrast, the monophasic bead had a 
smooth surface and a dense internal. From these images, it can be concluded 
that biphasic bead is more porous than the monophasic bead. Because 
hexadecane is insoluble in water, it forms a separate phase inside the alginate 
matrix. This phenomenon leads to the formation of cavities in the alginate 






Figure 5-3. Scanning electron micrographs showing (A) surface and (B) cross 
section of a biphasic bead (with 30% hexadecane). The porous structure 
indicates that the hexadecane is dispersed uniformly inside the bead. For 
comparison, a monophasic bead has a smooth surface and dense cross section 
(C and D). 
 
5.3.3 Esterification in aqueous media by using biphasic beads 
To investigate if biphasic beads are effective catalysts for esterification in 
aqueous media, 1 g of biphasic bead was added into 5 mL of aqueous 
solutions containing 100 mM of butanol and butyric acid. Figure 5-4 shows 
that 40 µmol of butyl butyrate in total was formed after 5 days of reaction. 
This was equivalent to a yield of 8.4%. On the other hand, when either free 
lipase or lipase immobilized in monophasic beads were used, the yield was 
only 0.8%. This result highlights the importance of organic solvent inside the 
biphasic beads for esterification. Interestingly, around 91% of butyl butyrate 
produced using biphasic beads was found inside the beads (Figure 5-4). This 




biphasic beads and act as reactants for esterification inside the biphasic beads. 
The butyl butyrate formed was eventually retained or remained in the 
hexadecane phase. 
Small amount of butyl butyrate was also detected in the aqueous reaction 
mixture but its concentration remained almost stagnant throughout the reaction 
(Figure 5-4). This implies that no ester product leaked out from the biphasic 
beads where the product was accumulating. Furthermore, there was no 
increase in the amount of both butanol and butyric acid in the reaction mixture 
at any time during the incubation (data no shown). This eliminates the 
possibility of hydrolysis of any leaked ester. The leached lipase in the reaction 
medium was then quantified by Bradford assay. The assay showed that the 
lipase leakage amounted to around 14% of the total immobilized lipase after 5-
day incubation. Therefore, this trace amount of butyl butyrate in the reaction 
mixture was contributed by the leaked lipase from the beads. Since the butyl 
butyrate found in the reaction mixture was low and of little interest to the 
studies of biphasic beads, subsequent studies would only focus on the butyl 






Figure 5-4. Amount of butyl butyrate produced in aqueous media by using 
biphasic beads with 10% hexadecane as organic phase. Butyl butyrate was 
found both in the reaction medium (●) and within the beads (■). The 
equivalent reaction in emulsion using free lipase (□) shows similar reaction 
profile.   
 
To determine the effect of alginate matrix on the rate of reaction, esterification 
was repeated in a hexadecane-in-water emulsion system containing lipase and 
the amounts of butyl butyrate produced as a function of time are shown in 
Figure 5-4. The total amount of butyl butyrate produced in the emulsion 
system was slightly higher (43 µmol) compared to the one obtained using 
biphasic beads (40 µmol). Nonetheless, steady states were reached around 96 
h for both systems (Figure 5-4). The initial reaction rate (the slope of the first 
48 h) was 0.56±0.021 µmol/h for the emulsion system, which was comparable 
to the initial reaction rate for the biphasic bead system (0.54±0.023 µmol/h). 
Therefore, it can be concluded that the physical barrier created by the beads 
does not have adverse effects on both the reaction rates and the amount of 
butyl butyrate produced. It implies that both reactants can diffuse freely into 


































aqueous media with the help of biphasic beads, the amount of butyl butyrate 
produced was too low compared to esterification in neat organic solvent. To 
increase the product formation, optimization of the bead compositions was 
carried out.  
5.3.4 Optimization of biphasic beads 
5.3.4.1 Effect of hexadecane concentration 
To increase the amount of butyl butyrate produced using biphasic beads, 
hexadecane concentration inside the biphasic beads was increased from 10% 
to 50%. However, only beads containing 10 and 30% of hexadecane (Figure 5-
5A) were structurally stable and the bead contents did not leak out during 
long-term incubation (~85 h). In contrast, beads with 35% of hexadecane were 
unstable, and bead contents started to leak out after 36 h of incubation (Figure 
5-5B). Beads with 40% of hexadecane were also unstable and started to 
disintegrate after 8 h. Beads with 50% of hexadecane disintegrated completely 
after 3 h (Figure 5-5C). Thus, only beads containing 10% and 30% 
hexadecane were used as catalysts for the following esterification studies.  
 
Figure 5-5. Appearance of biphasic beads containing 30% (A), 35% (B), and 
50% (C) of hexadecane in reaction media. After 36 h, biphasic beads with 
both 30% and 35% of hexadecane remained intact, but in the latter case the 
reaction medium turned turbid due to the leaking of bead contents. Beads with 





Figure 5-6 shows the amounts of butyl butyrate produced by using beads 
containing 10% and 30% hexadecane, respectively. During the esterification, 
beads with 30% hexadecane led to the production of 56 µmol of butyl 
butyrate, and the system reached a steady state after 64 h. In contrast, when 
beads with 10% of hexadecane was used, only 36 µmol of butyl butyrate was 
produced, and it took 96 h to reach steady state. This result is expected 
because the total amount of butyl butyrate produced in a biphasic system is 
determined by the organic solvent to water ratio [19]. Thus, increasing the 
hexadecane concentration in the biphasic beads also increases the amount of 
butyl butyrate produced. Thus, beads with 30% hexadecane were chosen for 
further optimization. Next, due to the relatively slow reaction rate, the lipase 
concentration inside the biphasic beads was optimized.  
 
 
Figure 5-6. Amount of butyl butyrate produced in aqueous media by using 
biphasic beads as a catalyst with 10% (■) and 30% (□) of hexadecane. A 
higher hexadecane concentration improves both the esterification rate and the 




































5.3.4.2 Effect of lipase concentration 
To accelerate the reaction, the lipase concentration in the alginate mixture was 
increased from 2.5 to 15 mg/mL when the biphasic beads were prepared. 
Figure 5-7 shows the amount of butyl butyrate produced after 16 h of 
esterification by using biphasic beads with various lipase concentrations. The 
amount of butyl butyrate increased steadily from 15.5 to 24.5 µmol when the 
lipase concentration was doubled from 2.5 mg/mL to 5.0 mg/mL. However, 
when the lipase concentration was increased to 15 mg/mL, only a minimal 
increase in the amount of butyl butyrate was observed. This result suggests 
that the lipase concentration was not a limiting factor when it was higher than 
5.0 mg/mL. As a result, an initial lipase concentration of 5.0 mg/mL was used 
in subsequent experiments. To increase the amount of butyl butyrate produced 
further, butanol concentration was also optimized. 
 
Figure 5-7. Influence of lipase concentration in alginate solution on the 
amount of butyl butyrate produced after 16 h of reaction. The optimum lipase 


































5.3.5 Effect of butanol concentration 
To investigate the effect of initial butanol concentration on the amount of 
butyl butyrate formed, 3 g of biphasic beads were added into 5 mL of aqueous 
solution containing 100 mM (8.8 g/L) of butyric acid and various 
concentrations of butanol. The complete reaction kinetic data plots can be 
found in Appendix B.5. Figure 5-8 shows the amount of butyl butyrate formed 
after 16 h of reaction with increasing butanol concentrations. The amount of 
butyl butyrate formed increased with butanol concentration and this 
correlation is attributed to the increasing presence of butanol molecules acting 
as nucleophiles during esterification [225]. This trend continued up to 300 mM 
(22.2 g/L) of butanol when the largest amount (63.6 µmol) of butyl butyrate 
was produced. Then, the amount of butyl butyrate started to decrease with 
further increase in butanol concentration [226]. A possible reason is that the 
lipase activity was inhibited by the high butanol concentration because it has 
been reported that high alcohol concentration promotes the formation of non-
reactive substrate-enzyme complexes [227]. This proves that the amount of 
butyl butyrate formed was limited by the butanol concentration. Similar trend 
was also observed for free lipase system in emulsion with the same optimum 
butanol concentration (Figure 5-8). In both studies, the optimum alcohol-to-
acid ratio was 3:1 which is identical to the one reported by Martin et al. [1]. At 
steady state (65 h), 157 µmol of butyl butyrate (or 31.3% yield) was produced 
by using biphasic beads. This amount of butyl butyrate produced is 






Figure 5-8. Effect of initial butanol concentration on the amount of butyl 
butyrate produced after 16 h of reaction by using either biphasic beads (■) or 
free lipase (□) as catalysts. The concentrations of butyric acid were fixed at 
100 mM in all experiments. All data points were mean values of triplicate 
experiments. 
 
5.3.6 Effect of pH on esterification   
As described in Section 2.6.1, esterification in aqueous media is also 
influenced by the pH of the aqueous solution. To understand this effect, the 
initial pH of the reaction mixture was varied between 2 and 9. Figure 5-9 
shows that esterification only happened in a narrow pH range between 3 and 4. 
Beyond this pH range, the amount of butyl butyrate produced was almost zero. 
However, this trend is not unique to biphasic alginate bead as such limitation 
was also encountered in other biphasic systems such as those described in 
Chapter 4 and by other authors [22, 169]. As discussed earlier, this is because 
esterification can only proceed when the butyric acid is protonated [168]. 



































cannot be too low because lipase is denatured at low pH, and that explains the 
drop in the amount of butyl butyrate produced at pH 2 (Figure 5-9).   
 
Figure 5-9. The relative amount of butyl butyrate produced using biphasic 
beads at different initial reaction pH. The largest amount of butyl butyrate 
produced is assigned as 100%.  
 
5.3.7 Application of biphasic beads in simultaneous fermentation and 
esterification 
To investigate the viability of biphasic beads in SFE, 15 g of biphasic beads 
containing hexadecane were added into 25 mL of growing culture of strain 
G117 as a biocatalyst for esterification. After conducting SFE for 100 h, the 
final butanol concentration was 5.0±0.10 g/L while the final cell density was 
3.4±0.014. For comparison, 6.7±0.19 g/L butanol was recorded at the end of 
fermentation in the absence of biphasic beads and the cell density was 
3.6±0.025. The similarity in cell densities in both cases suggests that the 
biphasic beads did not have any adverse effects on the cell growth. Therefore, 




































butanol by the biphasic beads and not a result of impacted growth. At the end 
of SFE experiment, 0.081±0.0027 mmol of butyl butyrate was produced. For 
comparison, 0.088 mmol of butyl butyrate was produced in a biphasic SFE 
system using C. acetobutylicum ATCC 824 [22]. This proves that the biphasic 
beads system is a feasible alternative to the biphasic system. In a control 
experiment, the SFE experiment was repeated by using biphasic beads without 
immobilized lipase. The final butanol concentration was the same as the one 
using biphasic beads containing lipase. This implies that, via SFE, an 
additional 0.24 g/L butanol was produced and subsequently converted into 
butyl butyrate. This shows that the total butanol production by G117 increased 
as a result of implementation of SFE.  
To explore the possibility of using toxic organic solvents in SFE, biphasic 
beads containing 30% of isooctane were prepared. Isooctane was selected 
because it is very toxic to Clostridia [22, 228]. Biphasic beads were first 
fabricated without lipase and the methodology of SFE was adopted to evaluate 
the toxicity of the beads. Figure 5-10 shows that 5.1 g/L butanol was produced 
by G117 cultured in the presence of biphasic beads with isooctane. In contrast, 
if isooctane (0.25 mL) was added directly to the culture medium, the cell 
density was very low and no butanol production was detected (Figure 5-10). 
Biphasic beads with isooctane were then utilized in SFE experiment after 
confirming on their non-toxicity. At the end of SFE, 0.086±0.0015 mmol butyl 
butyrate was successfully produced. These results shows that the biphasic 
beads provide an effective barrier to separate the organic solvents from the 
bacteria, which are generally unable to penetrate into alginate matrix from 




butanol and butyric acid can diffuse into the beads. These findings also imply 
that isooctane did not leak out into the culture medium. For verification, the 
culture medium was analyzed by using GC-FID at the end of the fermentation, 
and no isooctane was detected. The implication of these SFE experiments is 
that the choices of solvent in SFE are no longer limited to those non-toxic 
solvents and it is now possible to use lighter alkanes such as hexane or 
isooctane. This is in contrast to the biphasic SFE system whereby a benign 
solvent such as hexadecane has to be used because the bacterial cells are in 
direct contact with the solvent (Section 4.3.8). 
 
Figure 5-10. Production of butanol by C. beijerinckii G117 in the presence of 
isooctane (●) or biphasic beads entrapping isooctane (○). The result clearly 
shows that former is toxic to C. beijerinckii G117 while the latter is not.  
 
5.4 Conclusions 
Biphasic beads which contain uniformly dispersed hexadecane and 
immobilized lipase were developed as a biocatalyst for esterification of butyric 































substitute for the conventional biphasic system for butyl butyrate production 
due to their comparable rates and amount of product formed under similar 
reaction conditions. In addition, the tight entrapment of organic phase within 
the beads renders them biocompatible and therefore useful in simultaneous 
fermentation and esterification. Both reactants can diffuse into the beads to 
form butyl butyrate in the hexadecane phase, whose concentration can be as 
high as 30% inside the bead. To optimize the esterification process using 
biphasic beads, various parameters were tested. It was found that the 
concentration of butanol has a significant impact on the amount of butyl 
butyrate produced. However, due to the nature of butyric acid, the pH needs to 











In the previous chapters it was shown that butyl butyrate can be produced in 
culture media through biphasic esterification. Nonetheless, an additional 
recovery step is still required to obtain the ester products formed. For instance, 
in the aqueous-organic biphasic system described in Chapter 4, the ester 
products accumulate in the organic phase at the end of esterification. To 
recover the ester from the organic solvent, distillation or evaporation is usually 
needed [126]. On the other hand, it is also challenging to recover the esters 
produced by using biphasic beads. As elaborated in Section 5.3.3, this is 
because most of the esters produced are found inside the beads and therefore 
cannot be recovered without first degrading the beads. In both systems, such 
limitation also implies that it is impractical to remove the ester products in situ 
during the reaction, which is a common technique to improve the equilibrium 
reaction yield of esterification [230, 231].  
To address the issues above, a triphasic aqueous-organic-fluorous 
esterification system is proposed for the production of butyl butyrate in culture 
media. The main distinction of this system from the biphasic system 
introduced in Chapter 4 is the substitution of organic solvents with fluorous 
solvents. Fluorous solvents are highly fluorinated in which the hydrogen 
atoms of their organic counterparts are replaced by fluorine [232]. 




to the singularities of C-F bonds [233]. For instance, fluorous solvents are 
immiscible and denser than water, and that allows a separate fluorous phase to 
be formed at the bottom [233]. Moreover, they are also immiscible with 
organic solvents under certain conditions [234], thus a triphasic system can be 
formed by carefully choosing the organic and fluorous solvents.  
In the current study, the fluorous phase provides an environment for 
esterification of butanol and butyric acid. If the butyl butyrate produced is 
insoluble in the fluorous phase, it will form a third phase and complete the 
triphasic system. Since butyl butyrate is less dense compared to both water 
and the fluorous solvents, the newly-formed phase will float on top of the 
reaction system. The formation of a product-rich organic phase is unique in 
the triphasic reaction system and comes with several benefits. Firstly, since 
butyl butyrate forms a separate phase and floats on top of the aqueous phase, 
product recovery is simplified. Secondly, it is now possible to remove the 
product in situ to drive the reaction towards ester formation. Finally, because 
both reactants and products have low solubility in the fluorous phase, the 
fluorous solvent can be reused for multiple cycles of reactions. Other merits 
associated with fluorous solvents include non-flammability [232], chemical-
inertness, and absence of odor [235].  
In this chapter, the viability of producing butyl butyrate in culture media by 
using triphasic system was examined. In addition, the potential of conducting 
simultaneous fermentation and esterification (SFE) in triphasic system was 
also explored because fluorous solvents are generally known to be non-toxic 




SFE can be conducted in a system similar to the biphasic system described in 
Chapter 4 with the replacement of the organic solvent with fluorous solvent.  
6.2 Materials and methods 
6.2.1 Materials and reagents 
Both perfluorohexane and perﬂuorotributylamine were acquired from 3M 
(Belgium). Perfluorodecalin was purchased from Apollo Chemical (U.S.A.). 
Chemical structures of these fluorous solvents are depicted in Figure 6-1. 
Reinforced clostridial medium (Oxoid, U.K.) was used as the culture medium 
for fermentation. Unless stated otherwise, all other chemicals were obtained 
from Sigma-Aldrich (U.S.A.) and used without further processing.  
 
Figure 6-1. Chemical structures of (A) perfluorohexane, (B) 
perfluorotributylamine, and (C) perfluorodecalin. 
 
6.2.2 Distribution of butanol and butyric acid in aqueous-fluorous system  
Five milliliters of an aqueous solution containing 37.1 g/L of butanol and 44.1 
g/L of butyric acid (equivalent to 500 mM each) was mixed with 5 ml of a 




bath with agitation (250 rpm). After 1 h, the aqueous phase was analyzed by 
using gas chromatography with a flame ionization detector (GC-FID). The GC 
was equipped with a DB-WAXETR capillary column (length: 30 m, diameter: 
0.32 mm), manufactured by Agilent (U.S.A.). Helium was used as a carrier 
gas. The concentrations of butanol and butyric acid in aqueous phase before 
and after the incubation were recorded and the differences were used to 
calculate the corresponding concentrations in the fluorous phase.  
6.2.3 Production of butyl butyrate in triphasic system 
A 20-ml reaction mixture comprised equal volumes of a fluorous solvent and 
an aqueous solution containing 37.1 g/L butanol and 44.1 g/L butyric acid 
(equivalent to 500 mM each). To initiate the reaction, approximately 0.4 g of 
Nafion NR50 was added to the mixture as a catalyst. Esterification was 
conducted at 55°C under 250 rpm agitation. At the end of the reaction, the 
reaction mixture was cooled down to 15°C and contents of the aqueous phase 
were analyzed by using GC-FID.  
For experiment with in-situ product removal, the reaction was again conducted 
in a 20-ml reaction mixture with equal volumes of aqueous and fluorous 
phase. After the reaction reached equilibrium, the sample was cooled to 15°C, 
and floating oil droplets were removed completely through absorption by 
using butyl rubber. The catalyst was washed thoroughly before the next 
reaction. The reaction was then resumed and the butanol concentration was 
monitored until equilibrium was attained, at which point the oil droplets were 





6.2.4 Production of butyl butyrate in spent culture media  
Fermentation was conducted to produce butanol and butyric acid by using 
strain G117 [11]. Reinforced clostridial medium (RCM) was prepared as 
suggested by the manufacturer with supplementation of 30 g/L glucose. The 
medium (20 mL) was dispensed into serum bottles, purged with nitrogen and 
sealed with rubber septa prior to autoclaving (121°C for 20 min). After 
inoculation (10% v/v) of G117 into the medium, the bottles were incubated at 
35°C under shaking (150 rpm). Liquid samples were drawn periodically to 
determine the optical cell densities (OD600) by using an UV-Vis 
spectrophotometer (Tecan Infinite 200 Pro, Switzerland). To determine the 
alcohols and acids concentrations, the liquid samples were centrifuged, and the 
supernatant was injected into a GC-FID system. After 4 days of fermentation, 
the whole culture medium was extracted and centrifuged at 10,000×g for 10 
min. After adjusting the pH to 2 using hydrochloric acid, 10 mL of the 
supernatant was mixed with 10 mL of perfluorohexane and 0.8 g of Nafion 
NR50. Subsequent esterification was performed as previously described.  
6.2.5 Simultaneous fermentation and esterification in triphasic system 
To conduct fermentation and esterification at the same time, enzyme (lipase) 
was used as the catalyst. A serum bottle containing 0.2 g of immobilized 
lipase from Candida antarctica (Novozym 435) was first purged with nitrogen 
and sealed with rubber septum. RCM culture medium (amended with 30 g/L 
of glucose) and perfluorohexane were both purged with nitrogen and sterilized 
through autoclaving and membrane filtration, respectively. Under aseptic 




transferred to the serum bottle containing the enzyme. After adding 1 mL of 
G117 inoculum, fermentation was started by incubating the bottle at 35°C 
under shaking (150 rpm). Aqueous samples were drawn periodically. Optical 
cell densities and fermentation products concentrations were determined as 
previously described. At the end of 4-day fermentation, all liquids were 
extracted from the serum bottle and cooled to 15°C after separating out the 
enzyme. To determine the amounts of ester products formed in SFE, 5 mL of 
isooctane was added to extract the esters formed. Isooctane was then injected 
into GC-FID for analysis.  
6.3 Results and discussion 
6.3.1 Screening of fluorous solvents for esterification in triphasic system 
The objective of this study is to build a triphasic system which has three 
immiscible layers (fluorous solvent, aqueous solution and organic product 
phase). The aqueous solution is to be derived from fermentation whereas the 
fluorous solvent is the medium for esterification. After esterification, the final 
product butyl butyrate can phase separate into a third layer floating on top of 
the aqueous solution for easy recovery. To build a triphasic system mentioned 
above, a fluorous solvent which meets the following requirements needs to be 
identified. (1) It must be immiscible with butyl butyrate such that butyl 
butyrate can form a separate phase. (2) It is denser than water and is able to 
form a separate layer at the bottom. (3) Solubility of reactants (butyric acid 
and butanol) must be high enough in the fluorous solvent to carry out 




Three fluorous solvents (perfluorohexane, perfluorodecalin, and 
perﬂuorotributylamine) were tested for the criteria mentioned above. All of 
them are immiscible with water and butyl butyrate. When these three 
components were mixed together in equal volumes, Figure 6-2 shows that they 
formed three immiscible layers with the fluorous layer at the bottom and the 
butyl butyrate layer on top. Next, concentrations of butyric acid and butanol in 
each fluorous solvent were determined in an aqueous-fluorous system. Table 
6-1 shows that, among the three fluorous solvents, perfluorohexane contained 
the highest concentrations of butanol and butyric acid. Notwithstanding, the 
concentrations of butanol and butyric acid in perfluorohexane were only 2.11 
and 1.89 g/L (28.5 and 21.5 mM), respectively.  
 
Figure 6-2. Mixture of butyl butyrate, water and perfluorohexane forms a 










Table 6-1. Concentrations of butanol and butyric acid in three different 
fluorous solvents in a biphasic system (aqueous-fluorous)*. Also shown are the 
remaining butanol and butyric acid concentrations after esterification in the 
presence of Nafion NR50 catalyst.  
 






Perfluorohexane No Aqueous 34.95±1.06 42.17±0.98 
Fluorous 2.11 1.89 
Yes^ Aqueous 15.90±0.76 19.22±1.25 
Perfluorodecalin No Aqueous 35.75±1.08 43.07±1.60 
Fluorous 1.31 0.99 
Yes Aqueous 23.50±0.54 28.31±0.38 
Perﬂuorotributylamine No Aqueous 35.85±1.43 43.17±1.71 
Fluorous 1.21 0.89 
Yes Aqueous 23.88±1.22 27.09±0.97 
*Equal volumes of each phase are used and the initial concentrations of butanol and 
butyric acid are 37.06 and 44.06 g/L, respectively. The concentrations in the fluorous 
phase are obtained from mass balance. Experiments were conducted at 55°C and the 
data shown are the mean values from five independent runs. 
^In the absence of fluorous solvent, the remaining concentrations of butanol and 
butyric acid are 34.5 and 40.6 g/L, respectively. 
 
To investigate if esterification can be carried out in the fluorous solvents 
mentioned above, 10 mL of an aqueous solution containing 37.1 g/L butanol 
and 44.1 g/L butyric acid (equivalent to 500 mM each) was mixed with 10 mL 
of perfluorohexane. The reaction was carried out at 55°C. After 24 h, floating 
oil droplets emerge on top of the aqueous solution after cooling to room 
temperature (Figure 6-3A). To further reduce the solubility of the “oil” in 




droplets (see Appendix C.1). The oil droplets were carefully pipetted out from 
the vial and analyzed by using GC-FID. These oil droplets comprised butyl 
butyrate (595 g/L), butanol (124 g/L) and butyric acid (130 g/L). The presence 




Figure 6-3. (A) Top view of a triphasic system at the end of esterification. 
Formation of a separate product phase in the form of liquid droplets confirms 
the viability of the triphasic system. (B) The product forms a liquid layer 
(boxed) when the reaction scale was increased to 250 mL. 
 
Because it was very difficult to quantify the total amount of butyl butyrate 
produced in esterification (the tiny oil droplets cannot be pipetted out 
completely and the fluorous solvents are incompatible with GC-FID), the 
decrease in butanol concentration in the aqueous solution was monitored and 
converted into the amount of butyl butyrate produced. Table 6-1 shows that 
when perfluorohexane was used as the fluorous solvent, the butanol 
concentration reduced to 15.9 g/L (or 215 mM, which was equivalent to 2.86 
mmol butyl butyrate production assuming all butanol consumed in the reaction 
formed butyl butyrate) at the end of reaction. In contrast, using 
perfluorodecalin and perﬂuorotributylamine only led to the decrease of 





respectively, suggesting that esterification reactions were less efficient in these 
two solvents. The low efficiency may be attributed to the low butanol and 
butyric acid concentrations in these fluorous solvents (Table 6-1). When there 
was no fluorous solvent added, the butanol and butyric acid only dropped 
slightly to 34.5 and 40.6 g/L (465 and 461 mM), respectively. This shows that 
the presence of fluorous solvent is important in facilitating esterification. 
An esterification mechanism in the triphasic system was proposed as shown in 
Figure 6-4. The system initially consists of an aqueous phase with dissolved 
butanol and butyric acid and a fluorous phase. Both acid and alcohol in the 
aqueous phase migrate into the fluorous phase in which the esterification takes 
place (see Appendix C.2). Most of the product accumulates in the fluorous 
phase during the reaction, but the product separates from the fluorous phase 
and becomes oil droplets (Figure 6-3A) when the fluorous phase is saturated 
with butyl butyrate after cooling (see Appendix C.1). 
 
Figure 6-4. Schematic of esterification in a triphasic system with in-situ 
product removal. (A) Before the commencement of reaction, the system 
comprises an aqueous phase (top) and a fluorous phase (bottom). (B) During 
the reaction at 55°C, both the butanol and butyric acid migrate into the 
fluorous phase to form butyl butyrate. (C) Once the reaction is completed and 
cooled, the solubility of butyl butyrate in the fluorous phase decreases. This 
leads to the formation of a separate product phase which floats on top due to 
its lower density. (D) The product phase is then absorbed using butyl rubber 





6.3.2 In-situ product removal in triphasic system 
To increase the amount of butyl butyrate formed, butyl butyrate can be 
removed in situ to shift the chemical equilibrium to favor product formation. 
To test this hypothesis, butyl butyrate was extracted out at the end of 
esterification before another cycle of esterification was carried out. Figure 6-5 
presents the remaining butanol concentration and the accumulated butanol 
consumption at the end of each esterification cycle. The initial butanol 
concentration was 37.1 g/L (500 mM) which reduced to 15.8 g/L (213 mM) at 
the end of the 1st cycle of esterification. Once the product butyl butyrate was 
extracted, another esterification cycle began and that led to a further drop in 
butanol concentration to 9.2 g/L (124 mM) (Figure 6-5). The butanol 
concentration continued to decrease with each subsequent esterification cycle. 
However, the difference in concentrations between two successive cycles 
gradually reduced due to the depletion of reactants in the system. For instance, 
the butanol concentration only decreased by 0.3 g/L (4.0 mM) at the 6th cycle. 
Overall, after 6 cycles of esterification, 86% of butanol was consumed (Figure 
6-5). Assuming all butanol consumed in the reaction formed butyl butyrate, in 
total 4.31 mmol of butyl butyrate was produced. Overall, multiple cycles of 
esterification led to 50% increase in butanol consumption compared to only 1 





Figure 6-5. Remaining butanol concentration (bar) and accumulated butanol 
consumption (×) after each esterification cycle. At the end of each cycle, butyl 
butyrate was removed completely before the next cycle. The initial butanol 
concentration was 37.1 g/L (before reaction). After 6 cycles of esterification, 
only 5.14 g/L butanol remained in the aqueous solution, which was equivalent 
to 86.1% of butanol consumption. 
 
Although the product phase could be readily extracted out by pipetting, it was 
difficult to accomplish a thorough extraction especially in small-scale reaction 
(<20 ml), and some aqueous phase was inevitably removed as well during 
pipetting. Xiang et al. [239] also described a similar challenge in mechanical 
extraction of a separate product phase in small-scale reactions. To address this 
issue, the product was removed via absorption processes using butyl rubber 
(Figure 6-4D). Using this technique, the floating droplets in triphasic system 
could be absorbed completely in an hour (see Appendix C.3). Nonetheless, 
pipetting is easier in a scaled-up triphasic system as the product will form a 




























































6.3.3 Optimization of catalyst loading 
In addition to the amount of butyl butyrate produced, the reaction time in the 
triphasic system is a concern because it took around 24 h to reach equilibrium 
state. This is in contrast to the 8-h reaction time required in the biphasic 
system (Figure 4-2). To increase the reaction rate, the amount of catalyst 
(Nafion NR50) was varied from 0.2 to 1.0 g. Figure 6-6 shows the time profile 
of the remaining butanol concentrations under various catalyst loadings. 
Although the final butanol concentrations (~15.6 g/L or 210 mM) were similar 
under all conditions, less time was required to reach equilibrium with 
increasing catalyst loading. For instance, when 0.8 g of catalyst was used, the 
reaction could reach equilibrium within 8 h (Figure 6-6). Increasing the 
catalyst loading further to 1.0 g led to more butanol consumption at the 
beginning of reaction but the reaction still completed within 8 h. Therefore, 
the optimum catalyst loading was 0.8 g. The time to reach the steady state is 
comparable to the one reported by Delhomme et al. [126] who utilized Nafion 
NR50 to synthesize octyl succinate. Using a higher acid concentration (0.8 M) 





Figure 6-6. Effect of catalyst loading on the remaining butanol concentration 
as a function of time in the triphasic system. The time to reach equilibrium 
decreased with increasing catalyst loading up to 0.8 g, which was considered 
as the optimal catalyst loading. 
 
6.3.4 Reusability of catalyst and fluorous phase 
Using a higher catalyst loading is only feasible if the catalyst can be reused. 
To further reduce the cost, it is also possible to reuse the fluorous phase in the 
triphasic system in addition to the catalyst. To evaluate the reusability of the 
catalyst and the fluorous phase in the triphasic system, they were both reused 
for multiple cycles of esterification under the same reaction conditions. Fresh 
reactant solution was used at the beginning of every new cycle and the 
remaining butanol concentration was measured after 10 h of reaction. Figure 
6-7 shows the relative yield for each cycle, which was normalized based on 
the butanol consumption during the 1st cycle. During the 2nd cycle, around 
20% less butanol was consumed. However, the values did not change 
significantly for another two successive cycles. This trend is similar to a study 



































reusability in (trans)esterification reactions [242, 243]. However, unlike the 
reusability studies cited above or the biphasic system described in Chapter 4, 
the fluorous phase in this work is also readily recyclable in addition to the 
heterogeneous catalyst. This is made possible by the fact that both the 
reactants and products have very low solubility in fluorous phase and thus 
there is minimal contamination. On the other hand, the data in Figure 6-7 also 
eliminate the concern of potential incompatibility between the catalyst and the 
fluorous phase. This issue arises because certain inorganic catalysts are 
reported modified (e.g. carboxylated) after reaction in fluorous phase [239].  
 
Figure 6-7. Reusability of Nafion and perfluorohexane for esterification in 
triphasic system. 100% relative yield is defined based on the butanol 
consumption in the first run when fresh catalyst and solvent were used. After 

























6.3.5 Production of butyl butyrate in spent culture media by using triphasic 
system 
To prove that the triphasic system is suitable to produce butyl butyrate in 
culture media, esterification was conducted in triphasic system using a cell-
free spent medium from strain G117. The spent medium contained 7.12 g/L 
(96.1 mM) of butanol, 4.81 g/L (54.6 mM) of butyric acid, and 0.91 g/L (15.2 
mM) of acetic acid. Esterification was conducted at 55°C after adjusting the 
medium pH to 2. Since there were more than one acids in the culture medium, 
the concentrations of both acids were monitored in addition to that of butanol. 
Figure 6-8 shows the remaining concentrations of these three fermentation 
products as a function of time. The reaction took around 10 h to complete and 
the concentrations of butanol and butyric acids reduced to 5.32 and 2.85 g/L 
(71.8 and 32.3 mM), respectively. This was equivalent to 25.2% of butanol 
consumption. In addition, the concentration of acetic acid reduced to 0.74 g/L 
(12.3 mM) which led to the production of butyl acetate (BA). To increase 
butanol consumption, multiple cycles of esterification with in-situ product 
removal were carried out as previously described. After additional 4 cycles of 
esterification, the concentrations of butanol and butyric acid dropped further to 
4.43 and 1.86 g/L (59.8 and 21.1 mM), respectively. However, the 
concentration of acetic acid only decreased marginally to 0.72 g/L (12.0 mM). 
No marked change in concentration was observed for all species after the 5th 






Figure 6-8. Concentrations of butyric acid (□), acetic acid (○), and butanol 
(△) in spent culture medium during esterification by using triphasic system. 
Based on the results, approximately 25.2% of butanol in the spent medium 
was converted into either butyl butyrate or butyl acetate. 
 
Similar to the esterification systems developed in Chapter 4 and 5, one 
important limiting factor of the triphasic system is the pH of the spent 
medium. It was in the range of 5.2 to 5.3 and this pH range was too high for 
esterification to proceed efficiently because it is crucial to keep the organic 
acid molecules in protonated states [22, 169]. The pKa values of acetic and 
butyric acids are 4.75 and 4.82, respectively. Thus, the pH of the spent 
medium was adjusted to 2 prior to the esterification. After 5 cycles of 
esterification, in total 37.8% of the butanol in the spent medium was 
consumed and converted into either butyl butyrate or butyl acetate (the 
concentration of the latter was lower due to the low concentration of acetic 
acid). The concentrations of acetic acid did not change substantially during the 
product removal steps. Since butyl acetate, the ester derived from acetic acid, 




























phase separated from water. Therefore, the products removed were mainly 
butyl butyrate which explains the significant increase in the production of 
butyl butyrate only. However, due to the reaction scale and low reactants 
concentrations, the amount of esters produced was not enough to form distinct 
liquid droplets similar to those in Figure 6-3A. Instead, oil film was observed 
on top of the reaction system after cooling but it was still possible to remove 
the droplets completely by using the previously described rubber absorption.  
6.3.6 Simultaneous fermentation and esterification by using triphasic system 
To evaluate the toxicity of the fluorous solvent, two growing cultures (25 mL) 
of C. beijerinckii strain G117 with or without the addition of perfluorohexane 
(15 mL) were compared. Figure 6-9 shows the butanol production in both 
cases as a function of time. At the end of fermentation, around 7.16 g/L (96.6 
mM) butanol was produced in the first culture with perfluorohexane. This 
value was close to that without the addition of perfluorohexane. The final 
optical densities in both cases were 3.4 to 3.6, respectively. Both sets of data 
suggest that perfluorohexane is non-toxic towards strain G117 and is therefore 
suitable for SFE. It should be noted that the octanol-water partition 
coefficients, which are used to estimate solvent toxicity in Section 4.3.8, are 
not applicable to fluorous solvents due to the formation of triphasic system 






Figure 6-9. Production of butanol by C. beijerinckii G117 in the presence of 
perfluorohexane (□) and in the absence of perfluorohexane (○). The results 
show that perfluorohexane is non-toxic towards the bacteria and does not 
affect the butanol production. 
 
The SFE experiment was conducted with 10 mL of actively growing culture of 
G117 and 10 mL of oxygen-free perfluorohexane (Figure C-4 in Appendix 
C.4). Similar to the biphasic SFE system developed in Chapter 4, lipase was 
used as an esterification catalyst because the fermentation was conducted at a 
relatively mild temperature (35°C) to accommodate the bacterial growth. It 
was noted that esterification catalyzed by Nafion NR50 was slow under such 
conditions judging from the absence of product after 24 h when the reaction 
was conducted at 35°C in a model triphasic system (data not shown). For this 
reason, an enzyme, lipase, was used as the catalyst instead. At the end of SFE 
experiment (120 h), 0.042 mmol of butyl butyrate was produced. For 
comparison, 0.088 mmol of butyl butyrate was produced in a biphasic SFE 





























In term of butanol production, 7.04±0.07 g/L (95.0 mM) of butanol was 
recorded in the culture medium of the triphasic system. This was slightly 
lower than the butanol produced (7.12±0.11 g/L or 96.1 mM) in the control 
experiment (no fluorous solvent and lipase). However, after accounting for the 
butyl butyrate produced by esterification, in total 7.35±0.14 g/L (99.2 mM) 
butanol was produced by fermentation in SFE. This implies that additional 
0.23 g/L (3.1 mM) butanol was produced by the bacteria as a result of 
implementation of SFE. Therefore, the triphasic system proves to be an 
effective medium to conduct SFE due to the production of butyl butyrate and 
improved fermentation yield. 
Unfortunately, the amount of butyl butyrate produced in SFE was considered 
low due to the challenge to reconcile the different pH requirements between 
the two processes. As mentioned in previous chapters, esterification is best 
conducted in low pH environments but the lowest culture medium pH 
recorded during SFE was 4.8 while the final pH was 5.3. Unlike the previous 
sequential fermentation and esterification (Section 6.3.5), acidification was not 
possible during SFE because active Clostridia cannot survive the low pH 
conditions demanded in esterification [21].  
6.4 Conclusions 
A triphasic esterification system was developed for the conversion of butyric 
acid and butanol in aqueous solutions into butyl butyrate. The product emerges 
as oil droplets floating on top of the aqueous and fluorous phase at the end of 
the reaction due to its low solubility in those two phases. By using Nafion 




of butanol was consumed to form butyl butyrate after 8 h of reaction in a 
model system. The formation of a distinct product phase allows product 
removal through pipetting or absorption by butyl rubber. With multiple cycles 
of esterification and product removal, 86% of butanol was consumed, which 
was equivalent to 4.31 mmol of butyl butyrate formation. In addition, the 
fluorous phase could be reused for at least 3 cycles due to minimal 
contamination by both the reactants and products. Owing to the non-toxicity of 
perfluorohexane, SFE can be implemented in triphasic system. However, due 
to the conflicting pH requirements between fermentation and esterification, 
only 0.042 mmol of butyl butyrate was formed in SFE. This is in contrast to 
the production of 0.33 mmol butyl butyrate when using spent culture medium, 






CHAPTER 7 CONCLUSIONS AND RECOMMENDATIONS 
 
7.1 Conclusions 
In this thesis, the potential of producing butyl butyrate from xylan, a 
renewable feedstock, has been demonstrated. A novel Clostridium beijerinckii 
strain G117 was chosen as the model strain because it expresses xylanase 
enzyme natively as well as producing butanol and butyric acid, both of them 
are reactants for butyl butyrate. These features have been investigated in detail 
to address the limitations in butyl butyrate production from renewable 
feedstock, including the inability of Clostridia to utilize lignocellulosic 
biomass and the difficulty to recover dilute fermentation products for 
subsequent esterification. To achieve these objectives, the xylanolytic system 
of strain G117 was studied and techniques were developed to produce butyl 
butyrate in situ in culture media. The findings presented in this thesis will lead 
to an integrated process for producing butyl butyrate from xylan by using 
strain G117.  
To gain a better understanding of the xylanase excreted by strain G117, a 
detailed study of the enzyme is presented in Chapter 3. To produce xylanase, 
xylan was supplemented to the culture medium of strain G117 and the enzyme 
expression level reached maximum within 14 h of fermentation. However, the 
enzyme expression was repressed in the presence of simple sugars due to 
catabolite repression. This xylanase has a molecular weight of 22.6 kDa, 
making it one of the smallest reported clostridial xylanases. Majority of the 




this is an endo-acting hydrolyzing enzyme. Interestingly, xylanase activities 
increased significantly in the presence of cysteine and dithiothreitol. The 
native expression of xylanase renders strain G117 suitable in ABE 
fermentation using hemicellulose-rich biomass (such as plant leaves) as the 
starting material. The characterization data presented in Chapter 3 are 
important for the subsequent process development of butanol and butyric acid 
production directly from xylan. A follow-up investigation was conducted by 
Yan et al. [245] who showed that 1.26 g/L of butanol and 4.4 g/L of butyric 
acid could be produced by strain G117 directly from 60 g/L of xylan without 
the addition of exogenous xylanase. 
Producing butyl butyrate in situ in culture media eliminates the need to 
recover butanol and butyric acid at low concentrations. However, the 
feasibility of this technique is limited by the low esterification yields in 
aqueous solutions. To overcome this bottleneck, various esterification 
strategies were proposed and examined in Chapters 4, 5 and 6. In Chapter 4, it 
was shown that the esterification yield in water can be improved by adding a 
non-polar solvent to form a biphasic system. The yield was further increased 
by adding an inorganic salt to promote the migration of butanol and butyric 
acid into the organic phase. In Chapter 5, the development of biphasic alginate 
beads was described in which an organic solvent was incorporated into 
calcium alginate beads. Therefore, the need to supplement an additional 
organic phase into the reaction system was eliminated. However, both systems 
faced the same challenge in recovering the esters from the organic phase. At 
least an additional recovery step such as distillation was still required to obtain 




esterification system was developed as shown in Chapter 6. In this system, 
butyl butyrate formed a distinct phase on top of the aqueous phase and hence it 
could be easily collected through phase separation. In addition, a yield higher 
than 85% was achieved in the triphasic system after in-situ removal of butyl 
butyrate. Such a high yield is hitherto not possible in the presence of excess 
water. Due to these benefits, the triphasic system is more promising than the 
two other esterification techniques to produce butyl butyrate in aqueous 
environments. Nevertheless, it was found that esterification in all three 
systems could only proceed in low pH environments. This is attributed to the 
necessity for the acid molecules to remain protonated during esterification.   
Simultaneous fermentation and esterification (SFE) is a process in which 
fermentation and esterification happens concurrently in a single bioreactor. 
Not only the overall process is simpler, but SFE can also alleviate butanol 
toxicity in the culture medium by consuming butanol through esterification. 
Since the butanol toxicity is a limiting factor for solvent yields in ABE 
fermentation, the implementation of SFE will improve the overall yield of 
ABE fermentation. To implement SFE in biphasic system, the organic solvent 
added must be non-toxic to the bacterial cells of strain G117. Nonetheless, as 
shown in Section 4.3.8, the choices were limited to hexadecane. Biphasic 
alginate beads were thus developed to overcome this hurdle by providing a 
physical barrier between the cells and the solvent. As a result, isooctane, 
which is highly toxic to the cells, could be used in SFE. However, a bigger 
restriction in SFE is the incompatible pH conditions required for cell growth 




systems. Consequently, the total butanol production only increased by 3.6% 
and 3.2% in biphasic bead and triphasic systems, respectively.  
7.2 Recommendations 
7.2.1 Engineering strain G117 for ester production 
Although many Clostridium strains have been isolated or engineered for the 
purpose of biomass hydrolysis and ABE fermentation [38, 42, 97, 246-248], 
no report is currently available for such strains intended for ester production. 
The ultimate aim is to develop a strain which possesses the desired traits for 
the production of esters without the addition of exogenous enzymes, beginning 
with the hydrolysis of biomass until the eventual esterification step. In this 
regard, strain G117 is a very promising candidate to start with, although it will 
be advantageous for this strain to possess additional features as described 
below.   
1. From Chapters 4 to 6, catalysts were added into the reaction system to 
initiate esterification. However, it would be more attractive if a 
biocatalyst for esterification can be produced by strain G117 as well 
(Figure 1-2). One of the potential biocatalyst is lipase (introduced in 
Chapter 5), which is able to catalyze the esterification reaction. 
Coincidentally, strain G117 has the potential to express lipase because 
a lipase gene (triacylglycerol lipase, EC 3.1.1.3) is present in its 
genome. It is unusual that Clostridia are associated with lipase [249, 
250]. So far there is only one study [251] reporting an extracellular 
lipase from C. tetanomorphum. Although lipase expression is inducible 




certain culturing conditions, and an inducer for one strain could be a 
repressor for another [249, 252]. Thus, the first investigation should be 
focused on determining the suitable conditions for strain G117 to 
express lipase. For this purpose, strain G117 will be cultured with 
common lipase inducers such as triacylglycerol, fatty acids, Tweens, 
and glycerol [249]. The relationship between lipase expression and 
monosaccharides will also be discerned due to some reports of 
catabolite repression [253]. Heterologous expression of lipase using 
strain G117 as the host can be considered if native expression of the 
enzyme is not possible. For instance, recombinant lipase genes from 
Candida rugosa and Rhizopus oryzae have been successfully cloned in 
several external hosts [252]. Since most lipases are extracellular [254], 
the lipase activity can be detected in the supernatant through standard 
protocol using p-nitrophenyl derivatives as the substrates [255]. A 
more direct assay is to use the culture supernatant as the crude enzyme 
to catalyze esterification. Once the enzymatic activity is confirmed, the 
lipase will be purified from the crude enzyme for the purpose of 
enzyme characterization, including its amino acid sequence, molecular 
weight, kinetics, and its optimum biocatalytic conditions. Last but not 
least, SFE will be conducted in the presence of inducers for in-situ 
lipase expression.   
2. Even strain G117 is able to express lipase during SFE, the ester 
production will still be low because the butyric acid molecules exist 
mostly in their ionized form under fermentation conditions. To 




acidified to promote the protonation of the butyric acid molecules. 
However, most Clostridia cannot survive a low pH environment [21]. 
Therefore, an ideal Clostridium strain for SFE should exhibit high acid 
tolerance. One viable solution to achieve this is through whole cell 
immobilization [256-258] or by adapting the bacteria to culture media 
with decreasing pH in stages [170, 259]. Apart from these engineering 
measures, there are also many reported successes to impart acid 
tolerance to Clostridia through genetic modification [172, 173]. These 
include mutagenesis [171, 260, 261] and overexpression of heat-shock 
and other stress-related genes found in Clostridia [262-264]. In 
addition, cell transformation can also be employed by cloning 
heterologous genes responsible for the enhanced acid tolerance [265, 
266]. One such example is the cbpA gene from E. coli K-12 [267] 
which encodes proton-buffering peptide. The peptide contains a high 
proportion of basic amino acids which contributes to the pH regulation 
inside the cells. Nevertheless, since the ABE production is pH-
dependent (Section 2.2.2), further studies are required to discern the 
effect on the butanol and butyric acid production as a result of 
increased acid tolerance [262].  
3. A number of the recommendations above entail engineering strain 
G117 genetically. However, such tasks are not as easy and reliable 
[268] as those done on well-established model strains like Escherichia 
coli and Bacillus subtilis [172] in which many efficient genetic tools 
are available [130]. Apart from the complex metabolic regulatory 




significant barrier is that Clostridia cannot express efficiently 
recombinant plasmids prepared in E. coli [130] due to the highly active 
restriction endonuclease Cac824I found in most Clostridia [269] 
including C. beijerinckii [270]. For many years, the only solution is in-
vivo methylation which is often tedious and time-consuming [271]. 
Although various workarounds have been proposed [272], more robust 
genetic tools only exist very recently. These include the Clostridia-
compatible modular pMTL80000-series plasmids [273] and the 
universal ClosTron knock-out system [274]. Furthermore, antisense 
RNA technology has started to be adopted to manipulate the gene 
expressions of Clostridia [275]. With these encouraging development 
and availability of genome sequence for strain G117 [12], we believe 
that it is feasible to engineer strain G117 for ester production.   
 
7.2.2 Production of esters in other fermentation systems 
Although the esterification techniques described in this thesis were used to 
produce butyl butyrate by using butanol and butyric acid obtained from ABE 
fermentation, the technique can also be extended to produce esters from other 
fermentation systems. Recovery of these fermentation products is also 
challenging due to their low concentrations in culture media, which is 
similarly attributed by the toxicity of these fermentation products (Table 7-1). 
In addition, the presence of many other fermentation byproducts in the culture 
media complicates the downstream recovery. To overcome these issues, 




acids and alcohols into esters, which are more easily recoverable and often 
have higher market values.  








Common microorganism  Ref. 
Ethanol 40-120 Saccharomyces cerevisiae [276, 277] 
2,3-Butanediol 23-64 Klebsiella pneumoniae, 
Klebsiella oxytoca 
[117] 
1,3-Propanediol 38-63 Klebsiella pneumoniae [278] 
Acetic acid 60-100 Acetobacter aceti, 
Acetobacter pasteurianus  
[279, 280] 
Lactic acid 21-144 Lactobacillus amylophilus [281, 282] 
Propionic acid 25-50 Propionibacterium 
acidipropionici 
[283] 




No major modification of the current esterification protocol is required before 
it can be extended to other fermentation systems. Nevertheless, few 
considerations are needed, including the microorganism’s behavior and the 
intended ester products.  
1. Most of the pKa values of organic acids derived from fermentation lie 




microorganisms which are able to grow optimally at low pH. For 
instance, one acetic acid-producing Acetobacter pasteurianus isolate 
can grow efficiently in a pH as low as 3 [285]. For comparison, the pKa 
value of acetic acid is 4.76. Thus this particular strain is very attractive 
to be applied in SFE.  
2. The efficacy of this esterification technique depends on the chain 
length of both the acids and alcohols. For instance, the production 
yield of butyl acetate is expected to be lower compared to butyl 
butyrate. This is because acetic acid has higher water solubility and 
thus a lesser distribution into organic or fluorous phase. In such cases, 
salt addition (Section 4.3.5) can be used to improve the esterification 
yield.  
3. An interesting variation of the esterification technique is the formation 
of polyesters by esterifying dicarboxylic acids (e.g. succinic acid) and 
diols (e.g. 1,3-propanediol and 2,3-butanediol). Since the esterification 
products are in solid forms, the recovery is even simpler. Such 
technique can potentially be used to produce plastics from renewable 
feedstock instead of fossil sources [286]. 
4. Esterification demands the presence of both alcohols and acids in the 
culture media. Otherwise, either one of the reactants needs to be 
supplemented to initiate the reaction. A potential workaround is to co-
culture an alcohol-producing microorganism with one which produces 
acid. For instance, ethyl butyrate can be obtained by co-culturing 
Clostridium ljungdahlii [287] and Clostridium butyricum [215] which 




A typical research workflow described in this thesis can be adopted for further 
investigations in other fermentation systems. For example, it can begin with 
the screening of solvents (organic or fluorous) for the purpose of esterification. 
This will be followed by esterification in a model system to produce the 
targeted ester with optimized parameters such as the type of catalyst, reactants 
concentrations and pH. Finally, esterification will be conducted using spent 
culture medium and the feasibility of SFE will be determined.  
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Appendix A Purification and characterization of xylanase from strain 
G117  
Table A-1. Purification steps of xylanase from strain G117 from crude 
enzyme to the final purified product. 







Crude supernatant 50 8.37 100 1.00 
Ammonium sulfate 
salting-out 
1.5 52.6 67.8 6.29 
Size-exclusion 
chromatography 




Figure A-1. UV-280 chromatogram of size-exclusion chromatography to 








Figure A-2. Mass spectrum of xylanase from G117 obtained using MALDI-
TOF-MS. The molecular weight of the enzyme is determined to be 22.6 kDa.  
 
 
Figure A-3. HPLC chromatogram of hydrolysis products of beechwood xylan 
by purified xylanase. The first peak represents the solvent front. The 







Appendix B Production of butyl butyrate by using biphasic alginate beads 
B.1 Quantification of butyl butyrate within biphasic beads 
To measure the butyl butyrate trapped within the biphasic beads, fixed amount 
of spent biphasic bead was incubated in 2 ml of 0.3 M EDTA solution which 
acted as a calcium chelating agent [1]. EDTA also stopped any residual lipase 
activity as it is known to be a strong inhibitor towards C. rugosa lipase [2]. 
Butyl butyrate was thus released after the degradation and 1.5 ml hexane was 
then added to extract out the hydrophobic products to streamline further 
analysis. This quantification technique turned out to be highly reproducible 
with less than 5% disparity. Calibration was performed by degrading fresh 
biphasic bead and known amount of butyl butyrate was then added. This was 
followed by hexane extraction and GC analysis. The calibration curve (Figure 
B-1) yields a linear correlation with a coefficient of determination (R2) close 
to unity.  
 
Figure B-1. Calibration curve used to calculate the amount of butyl butyrate 
produced by biphasic bead after extraction using hexane. The curve was 


































of butyl butyrate was then added. No butanol or butyric acid was present. The 
butyl butyrate was extracted using hexane and then quantified using GC-FID. 
 
B.2 Screening of surfactants to be used in biphasic beads 
Table B-1. Stability of hexadecane-water emulsion stabilized by either Triton 
X-100, Tween 20 or SDS. Only 0.1% SDS is required to stabilize the emulsion 
but at least 1% of either Triton X-100 or Tween 20 is needed for the same 
degree of stability. 
 
Surfactant Concentration (% v/v) 
0.1 0.25 0.5 1.0 1.5 2.0 
Triton X-100 No No No Yes* Yes Yes 
Tween 20 No No No Yes Yes Yes 
SDS Yes Yes Yes Yes Yes Yes 
*The hexadecane-water (3:7) emulsion was deemed stable if no phase separation 
occurred after 14 days. 
 
B.3 Effect of biphasic bead loading 
Figure B-2 shows the ester formation at different bead loadings ranging from 1 
to 4 g of beads in 5 mL of reaction medium. In an enzyme-catalyzed reaction, 
increasing the amount of enzyme usually only increases the reaction rate but 
not the final yield. However, it was observed that the amount of butyl butyrate 
increased from 56 to 89 µmol when the loading was tripled to 3 g. This is 
probably because biphasic beads also contain hexadecane. Increasing the 
amount of organic solvent in the system can therefore shift the equilibrium 
toward esterification [3]. Nevertheless, once the bead loading was more than 3 
g, some beads were not in contact with the reaction medium. This explains the 






Figure B-2. Effect of bead loading (in 5 mL of reaction medium) on the 
amount of butyl butyrate produced after 4 days of esterification. 
 
B.4 Effect of temperature    
To determine the optimum reaction temperature for biphasic beads, the 
incubation temperature was increased from 35°C to 60°C. The product was 
then quantified after 4-day incubation and the data is presented in Figure B-3 
with 100% activity indicating the highest recorded value. The highest yield 
was attained at 35°C and it declined with increasing temperature. No butyl 
butyrate is detected at 60°C. The optimum temperature for lipase in biphasic 
beads does not differ much from free C. rugosa lipase which also lies in the 



































Figure B-3. The relative amount of butyl butyrate produced using biphasic 
beads at different reaction temperatures. The largest amount of butyl butyrate 





































B.5 Effect of initial butanol concentration  
 
Figure B-4. Time course of butyl butyrate production catalyzed by (A) 
biphasic beads and (B) free lipase under various butanol initial concentrations. 






Appendix C Production of butyl butyrate in triphasic system 
C.1 Solubility of butyl butyrate in perfluorohexane 
Another facet that requires further investigation before establishing the 
reaction mechanism in triphasic system is the solubility of butyl butyrate in 
perfluorohexane. The solubility of the butyl butyrate in perfluorohexane must 
be low enough so that a triphasic system can be formed. However, the 
solubility of organic compound in fluorous solvent is known to be a strong 
function of temperature [5]. To investigate the solubility of butyl butyrate in 
perfluorohexane, the phase behavior of 72 g/L butyl butyrate (0.5 M) in 
perfluorohexane was monitored at various temperatures. The solubility test 
was performed in a 20-mL glass vial incubated in a shaker-incubator. Once a 
desired temperature was attained, the samples were shaken for 1 h. The 
samples were then allowed to stand for 30 min. Butyl butyrate was deemed 
soluble if no clear interface was observed.  
Starting as a biphasic system at room conditions, butyl butyrate was fully 
soluble in perfluorohexane once it was heated to 56°C and above (Figure C-
1B). Once it was cooled down, butyl butyrate started to phase-separate from 
perfluorohexane, implying that the solubilization process was reversible. 
These observations also suggest that cooling is required to induce the 
formation of triphasic system. However, the greatest separation between the 
two was observed at 15ºC judging from the residual butyl butyrate 
concentration in perfluorohexane (measured after extracting the ester from the 




esters from perfluorohexane, the reaction systems were cooled to 15ºC in all 
studies of triphasic system. 
 
Figure C-1. The temperature-dependent solubility of 0.5 M butyl butyrate in 
perfluorohexane. The mixture is biphasic at 15ºC (A) but butyl butyrate is 
fully soluble when the temperature is raised to 56°C (B). The system phase-
separates again once it is cooled, indicating that the process is reversible. 
 
C.2 The effect of catalyst position on esterification yield in triphasic system 
It was noted that the catalyst pellets of Nafion NR50 were mostly at the 
aqueous-fluorous interface during the reaction in the triphasic system. In order 
to find out the phase where the reaction was taking place, the experiment was 
repeated in triphasic system but the Nafion NR50 catalyst pellets were now 
fixed either at the aqueous or the fluorous phase using wire mesh (Figure C-2). 
After 48 h of reaction, the remaining butanol concentrations in the aqueous 
phase were almost identical when the catalyst pellets were positioned at the 
interface and in the fluorous phase (15.9-16.3 g/L). In contrast, 29.3 g/L 
butanol was recorded when the catalyst pellets were fixed at the aqueous 
phase. This suggests that in this case the butanol consumption was 58% lower 
than the case when they were fixed at the fluorous phase. These results show 
that esterification mainly takes place in the fluorous phase of the triphasic 
system. This finding is similar to one in biphasic system (Section 4.3.3) 





Figure C-2. Fixing of Nafion catalysts in the (A) aqueous phase, (B) fluorous 
phase, or (C) at the interface in triphasic system. The positions of the catalysts 
are boxed. In the first two cases, the catalysts are supported by custom-
fabricated wire mesh. Without any support, the catalysts are at the aqueous-
fluorous interface.  
 
C.3 Absorption of butyl butyrate using rubber 
To facilitate the removal of the product phase in triphasic system, the ester 
droplets formed at the end of reaction was absorbed using rubber (Figure C-3). 
The rubber was hung so that it came into contact with the droplets (Figure C-
3B) and the droplets were removed completely after 1 h of absorption (Figure 
C-3C). 
 
Figure C-3. Absorption of ester products in triphasic system. At the end of 
reaction, the product droplets are clearly seen from the top (A). However, after 





It was found that butyl rubber exhibits selective absorption towards butyl 
butyrate. In a separate experiment, the butyl rubber started to swell once it was 
in contact with pure butyl butyrate for 2 h. On the other hand, butyl rubber did 
not swell either in perfluorohexane or in a solution containing 0.5 M each of 
butanol and butyric acid. GC-FID analysis revealed that less than 6% of 
butanol and butyric acid were absorbed after incubation for 24 h. The selective 
absorption is corroborated by comparing the Hilderbrand solubility parameters 
of rubber with those compounds mentioned above [6, 7]. 
C.4 Simultaneous fermentation and esterification by using triphasic system 
 
Figure C-4. Simultaneous fermentation and esterification conducted in a 
triphasic system. The two liquid phases that are visible are the growing 
cultures of G117 (top) and perfluorohexane (bottom). The turbidity of the 
culture medium and the gas production indicate growth of strain G117 in the 
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